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Chapter 1: Introduction

Tendons are collagenous musculoskeletal tissues that transfer forces from muscle to bone to
facilitate movement. Tendons are frequently injured, and the incidence of tendon injuries is increasing
[1, 2]. They have limited intrinsic healing capacity, which results in poor healing and long-term loss
of function [3]. Clinical treatments for tendinopathies are limited and their efficacy varies from
patient to patient. Tissue engineered regenerative strategies using mesenchymal stem cells (MSCs)
are promising for the treatment of tendon injuries [4-8]. However, more information is needed in
order to establish tissue engineered and regenerative approaches as viable clinical options, as these
approaches are challenged by the difficulties of precisely controlling stem cell differentiation.
Specifically, there is a limited understanding of the appropriate mechanical and cellular cues to guide
tenogenesis of stem cells (differentiation toward tendon), which has hindered widespread clinical use

of stem cell-based therapies.

The tissue engineering paradigm has emerged as a systematic approach for developing
replacement tissues and regenerative therapies. The tissue engineering paradigm centers around
applying three main factors: cells, signals, and scaffolds (Figure 1.1). Signals are factors that may
regulate cell behavior and can be mechanical, including cyclic loading or elastic modulus, as well as
chemical, including growth factors or inhibitors. Cells are important for developing and maintaining
new tissue, and cells can endogenously produce mechanical and chemical signals. Finally, the
scaffold is typically a temporary biomaterial structure that supports cell growth and tissue formation.
In a number of systems, the mechanical and chemical environments can also be manipulated via the
scaffold. Identifying the appropriate composition and combination of cells, signals and scaffolds to
induce tenogenesis is a major challenge. Therefore, we look to the developing embryonic and
postnatal tendon environment for inspiration to guide the selection of tenogenic factors.
Recapitulating this early tenogenic environment in a regenerative therapy is highly desirable, as
normal tendon development is the ideal model of tendon formation. This developmentally inspired
approach aims to incorporate the mechanical and chemical cues regulating tendon development into
tissue engineered and regenerative approaches for the treatment of tendon injuries. However, a
limited understanding of the factors involved in normal tendon development is a challenge for
developmentally inspired tendon tissue engineering strategies. A deeper understanding of the factors
influencing stem cell fate and the ability to precisely guide their differentiation are needed before
stem cells can be used therapeutically in tissue engineering strategies and regenerative treatments for

tendon injuries. Chapter 2 provides an extensive overview of existing engineered models of tendon



development and disease. These models address various aspects of the molecular factors regulating
tendon development, as well as the mechanical and biochemical factors underlying tendon disease.
However, despite these advances, there remains a significant gap in knowledge of the mechanical and
cellular factors regulating tendon development, during both early tenogenesis and postnatal tendon

formation.

To address this gap in knowledge, the overall goal of this dissertation was to explore the
developmentally inspired mechanical and cellular factors involved in tendon formation and tenogenic

stem cell differentiation.

Signals

Tissue
engineering
paradigm

Scaffolds Cells

Cm—)

Figure 1.1 Schematic representation of the
tissue engineering paradigm of “Cells —
Signals — Scaffolds”

Mechanical stimuli are one potential factor driving tenogenesis of stem cells [7, 9, 10].
Mechanical loading during embryonic tendon development appears to regulate the structural and
mechanical formation of tendon [11, 12], but the mechanisms by which mechanical stimuli exert their
influence on developing tendon and stem cells remain largely unidentified. Therefore, the overall goal
of Aim 1 was to identify how tendon formation is mechanically regulated. Aim 1 was assessed in
both a neonatal rat model of early-stage tendon formation (Chapters 6 and 7), and in a 3-dimensional

(D) MSC culture model to mechanically stimulate cells in vitro (Chapter 4).

In addition to mechanical stimuli, biochemical and cellular cues may drive tenogenic
differentiation of stem cells. One growth factor in particular had been identified in embryonic tendon
development and appeared useful for inducing tenogenic differentiation of stem cells: transforming
growth factor beta (TGFp)2 [13]. However, there was limited information on how TGFp2-induced
tenogenesis regulated the levels of cell-cell junction proteins (e.g., cadherins and connexins) (Chapter
5). Cell-cell junctions are of particular interest in tendon development due to the presence of

cadherins and connexins in embryonic, postnatal, and mature tendons, and their ability to regulate



cellular communication and tissue formation. To further explore the potential roles of cadherins and
connexins in tenogenesis, an extensive overview of prior studies examining their impact on tendon
development and disease is presented in Chapter 3. This review highlights the many unknown ways
in which cadherins and connexins may regulate tendon development, and underscores the need for
further research. Additionally, it was unknown which signaling pathways were activated during
TGFp2-induced tenogenesis. Therefore, the overall goal of Aim 2 was to identify how TGFp2-
induced tenogenesis in MSCs impacts cell-cell junctions (Chapter 5) and identify the signaling

pathways that regulate TGFp2-induced tenogenesis (Chapter §).
The research aims of this dissertation are summarized below:

Aim 1: Identify how mechanical loading from the onset of locomotion influences the
postnatal development of tendon mechanical properties. Hypothesis: The onset of locomotor
behavior in the developing neonate regulates the formation of functional tendon mechanical
properties. Aim la developed and evaluated a small-scale mechanical load frame, and mechanical
bioreactor to mechanically evaluate neonatal tendons and mechanically stimulate cells in culture
(Chapter 4). Aim 1b assessed the onset of locomotor behavior development and evaluated how
mechanical properties of Achilles and tail tendons formed in the first 10 postnatal days in a rat model
(Chapter 6). Aim 1b determined how disruption of mechanical loading in early postnatal development

affects mechanical property development in Achilles and tail tendons (Chapter 7).

Aim 2: Determine how TGFp2 impacts the tenogenesis of MSCs. Hypothesis: TGF32-
induced tenogenesis in MSCs is accompanied by changes in levels of cadherins and connexins, and
involves canonical and non-canonical signaling pathways. Aim 2a assessed how tenogenic markers
and proteins levels of N-cadherin, Cadherin-11, and Connexin-43 are impacted in tenogenically
differentiating MSCs (Chapter 5). Aim 2b evaluated how TGFB2-induced tenogenesis in MSCs was
regulated by the PI3K/Akt/mTORC1/P70S6K and Smad3 signaling pathways (Chapter 8).

Results of the studies outlined in the following chapters contributed to our understanding of
tendon development. With completion of these Aims, we enhanced understanding of how mechanical
stimuli and cellular signals regulate tendon differentiation and development, with the ultimate goal of
therapeutically targeting the mechanisms involved to generate novel regenerative therapies for

tendinopathies.



Chapter 2: Models of Tendon Development and Injury

Theodossiou SK, Schiele NR. Models of tendon development and injury. BMC Biomedical
Engineering 1(2019) 32.

Abstract

Tendons link muscle to bone and transfer forces necessary for normal movement. Tendon
injuries can be debilitating and their intrinsic healing potential is limited. These challenges have
motivated the development of model systems to study the factors that regulate tendon formation and
tendon injury. Recent advances in understanding of embryonic and postnatal tendon formation have
inspired approaches that aimed to mimic key aspects of tendon development. Model systems have
also been developed to explore factors that regulate tendon injury and healing. We highlight current
model systems that explore developmentally inspired cellular, mechanical, and biochemical factors in
tendon formation and tenogenic stem cell differentiation. Next, we discuss in vivo, in vitro, ex vivo,
and computational models of tendon injury that examine how mechanical loading and biochemical
factors contribute to tendon pathologies and healing. These tendon development and injury models
show promise for identifying the factors guiding tendon formation and tendon pathologies, and will

ultimately improve regenerative tissue engineering strategies and clinical outcomes.

Introduction

Tendons transfer forces from muscle to bone and are essential for movement. Unfortunately,
tendons are frequently injured [14], and their poor healing ability results in long-term loss of function
[3]. Medical interventions, including surgical and non-surgical treatments, physical therapy, steroid
injections, and anti-inflammatory medications have limited efficacy, and re-rupture is common [15].
These poor outcomes motivate the search for alternative treatment strategies aimed at preventing
tendon injury, improving regenerative healing, and developing engineered tendon tissue replacements
from stem cells. A major challenge for developing regenerative approaches has been a limited

understanding of the factors that regulate tendon formation, injury, and healing.

Normal embryonic and postnatal tendon development are perfect models of tendon
formation, but have been poorly understood. However, over the past 20 years, significant progress has
been made in identifying underlying cellular, biochemical, and mechanical factors that regulate
tendon formation during early development, and these important findings have been discussed in

other recent reviews [9, 10, 16-27]. Using this new information, developmentally inspired



approaches have recapitulated aspects of embryonic tendon cell differentiation and tendon formation
in vitro. Here, we first focus on cell and explant tissue culture and tissue engineered model systems
that have explored the cellular, biochemical and mechanical aspects of tendon development. In the
second part of this review, we highlight model systems that may inform future clinical interventions
for adult tendon injury. Specifically, we discuss in vivo, in vitro, and ex vivo models of tendon injury.
In addition to experimental models, we highlight recent computational models that explore factors

involved in tendon degeneration, injury, and healing.

Models of Embryonic and Postnatal Tendon Development

Tendon formation is initiated in early development as the musculoskeletal and connective
tissues differentiate from embryonic mesoderm [26]. A few specific markers have been identified to
distinguish tenogenesis (differentiation toward the tendon lineage) of progenitor and stem cells.
Scleraxis, a transcription factor, is an early marker and regulator of tenogenesis [28-31]. Scleraxis
regulates expression of tenomodulin, a late stage tenogenic marker [32, 33]. Mohawk is another
transcription factor and regulator of tendon differentiation and formation [34]. The increased presence
of collagen type (Col) I also indicates tenogenesis [35], but collagen production alone is not
indicative of tenogenic differentiation since it is a major component of other musculoskeletal tissues
such as bone and skin. However, the development of an aligned collagen structure and mechanical
function can indicate appropriate tenogenesis and tendon formation. Taken together, this set of
tenogenic markers (scleraxis, mohawk, tenomodulin, collagen content and organization, and
mechanical properties) has led to advancements in understanding tendon development. To determine
regulators of tenogenesis, in vitro and engineered model systems have been developed to incorporate
the key cellular (cell organization and environment), biochemical (growth factors and extracellular
matrix), and mechanical (tissue elastic modulus and dynamic loading) cues that are characteristic of

developing tendons (Table 2.1).



Table 2.1 Summary of developmental tendon models

Developing Tendon | Model
Model Outcomes References
Characteristics Characteristics
Upregulated expression of scleraxis and Mubyana
High cell density . ) ) 45
Self-assembled tenomodulin with loading; potential for 2018 !
and low collagen .
cellular fibers scaffold-free, cellular self-assembly for Schiele
content
single tendon fibers 2013 ™
Kalson
(Ansorge 2010 146
2011) B
] 3 ) Upregulated tendon genes and collagen Kapacee
(Chaplin 1975) B%1 | Embryonic tendon o
] ] synthesis; improved tendon formation in 2010 4
(Richardson 2007) | cells in fibrin gels
2 fibrin gel vs collagen gels models Yeung 2015 1%
hiel (37] Breidenbach
(Schiele 2015) 2015 U
Cell-cell junction Richardson
proteins (Cadherin- ) 2007 14
Chick tendon Possible regulators of early tendon tissue )
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Cellular Cues

Embryonic and early stage postnatal tendon is highly cellular and collagen content is
relatively low, compared to adult tendon [36-41]. For example, collagen content of Achilles tendons
from postnatal day (P)4 mice is less than 3% of the dry weight [39], and in 1 week old sheep, cells
account for nearly 33% of the tendon volume [38]. High cell density and cell organization in
developing tendons may contribute to the organized and aligned collagen fibrils found in mature
tendons. Based on scanning electron microscopy (SEM) imaging of embryonic tendon, it was
proposed that embryonic tendon cell condensation and alignment of the cell’s plasma membrane
channels, where collagen fibrils may be released into the extracellular space by the cells, regulate
collagen fibril alignment [42]. The cell-cell junction protein cadherin-11 was demonstrated to play a
role in embryonic tendon cell organization. When cadherin-11 was knocked down in isolated and
cultured whole chick metatarsal tendons at embryonic day (E)13 using small interfering RNA
(siRNA), the cells appeared to move apart, and plasma membrane channels and collagen fibrils were
disrupted [42]. In a different study, serial block face-SEM was used to visualize cells in embryonic,
neonatal, and postnatal mouse tail tendons [43]. Throughout development, the number of cells per
unit volume decreased, but direct cell-cell contacts were maintained [43]. A study in E8 to 11 chick
calcaneal tendons showed that the tendon progenitor cells formed an aligned and organized actin
cytoskeleton network that appeared to be continuous between adjacent cells (Figure 2.1 A) [37].
Disrupting the actin cytoskeleton with blebbistatin in E10 calcaneal tendons decreased tendon elastic
modulus. Similarly, the elastic modulus of embryonic tendon cell-seeded alginate gels decreased with
blebbistatin treatment [37]. These findings suggest that the actin network of embryonic tendon cells
contributes to the mechanical properties of the developing tendon. Taken together, these
developmental studies underscore the role of tendon progenitor cells in tendon tissue formation, and

suggest that their content and organization are important considerations in engineered models.

A few in vitro engineered model systems have been developed to mimic the high cell density
of embryonic and neonatal tendons. A scaffold-free approach used directed cell self-assembly to
recapitulate the high cell density and low collagen content associated with embryonic tendon [44]. 3-
dimensional (3D) channels were laser micromachined into agarose gels, which were lined with a thin
coating of fibronectin and seeded with neonatal fibroblasts. The channels directed cell self-assembly
into single fibers with high cell density, and an organized and aligned cell structure [44]. Cells in the
fibers contained cadherin-11, the cell-cell junction protein found in embryonic tendons [42]. In a
different study, uniaxial cyclic tensile loading of the cellular fibers for 1, 3, and 7 days improved

tendon fiber formation [45]. The fibroblasts forming the fibers had aligned and elongated cell nuclei
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and actin filaments (Figure 2.1 B). Scleraxis and tenomodulin gene expression increased in loaded
fibers on day 1, and tenomodulin increased between day 1 and 7. Interestingly, none of the unloaded
control fibers survived past day 3 [45]. In this model, loading appeared to counteract the self-
generated static tension that arises in the cellular fibers. It is possible that only the loaded cellular
fibers had established enough structure to support long-term fiber formation. These cell-based,
scaffold-free models offer the advantage of combining high cell density with mechanical stimulation,
making them a useful system for investigating key cellular aspects of early tendon development in a

controlled in vitro environment.

Figure 2.1 Embryonic tendon and a cellular fiber model.

A) El11 chick calcaneal tendons have high cell density and an organized actin cytoskeleton network. Actin
cytoskeleton (green) and cell nuclei (blue) show actin filaments in embryonic tendon that appear to form a
continuous network between adjacent cells. Scale bar = 10 um. B) A self-assembled cellular tendon fiber to
mimic the high cell density of embryonic tendon, following 7 days of mechanical loading in vitro. Actin
cytoskeleton (red) and cell nuclei (blue) show high cellularity, actin stress fiber organization and nuclear
elongation. Scale bar = 100 um. Figure 2.1 A reprinted with permission by Wiley Periodicals, Inc. from
Schiele et al 2015 [37]. Figure 2.1 B reprinted with permission by Mary Ann Liebert, Inc. from Mubyana &
Corr 2018 [45].

Fibrin gels have also been used as in vitro model systems to explore what roles cells may be
playing in embryonic tendon formation. Cell encapsulated in fibrin gels, formed from thrombin and
fibrinogen crosslinking, can mimic the soft, 3D structure, and high cell density representative of
embryonic tissues, without introducing exogenous collagen matrix. E13 chick metatarsal tendon cells
seeded into fibrin gels at ~1.5 million cells/mL and cultured for up to 42 days resulted in tissue
constructs that appeared similar to embryonic tendon, with newly synthesized collagen fibrils aligned

along the axis of tension [46]. This embryonic-mimicking model system was then used to explore
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how contraction by the embryonic tendon cells may regulate mechanical development. When actin
cytoskeleton-mediated cell contractility was disrupted for 24 h using cytochalasin D and blebbistatin,
the mechanical properties of the tissue constructs failed to increase, even though collagen production
was not altered [46]. This model implies that development of tissue mechanical properties may
depend on contractility of the embryonic tendon cells. Taken together, engineered models have
revealed the contributions of cell contractility, the actin cytoskeleton, and cell-cell junctions to tendon
formation. However, the mechanisms by which cells regulate tendon development remain an ongoing
area of study. Alongside these cell-level contributions, biochemical and mechanical cues may also

guide tenogenesis.
Growth Factors and Biochemical Factors

A number of growth factors have been identified in embryonic tendon development, but
transforming growth factor beta (TGFp) has emerged as a critical tenogenic regulator. TGFfs and
their receptors (TGFBR1 and TGFBR2) have been found in embryonic chick [47] and mouse [31]
tendon. Chick calcaneal tendons from E13 to 16 were evaluated for TGF1, 2, 3, TGFBR1 and
TGFBR2 using immunohistochemistry [47]. TGFB2 and 3, and TGFp receptors were detected at all
ages in the tendon midsubstance, but TGFf1 was not observed. In embryonic mice, TGFps were
found to regulate scleraxis expression and tendon formation [31]. No tendons formed in the limbs,
trunk, tail, and head of TGFB2 and TGFf3 double knockout mice at E14.5, even though tendon
progenitor cells were present, indicating that TGFf signaling is required for maintenance of the

tendon phenotype [31]. Taken together, TGFfs are critical to embryonic tendon formation in vivo.

Based on these findings in developing embryos, a number of studies have explored TGFps in
developmental and tissue engineered in vitro models. Mouse embryonic fibroblasts and mouse
mesenchymal stem cells (MSCs) (C3H10T1/2 cells) both increased scleraxis expression when treated
with TGFB2 in culture [31]. In another study, mouse tendon progenitor cells, isolated from the limbs
and axial skeleton at different ages (E13 to 17, and P7), were treated with either TGFp2, cyclic tensile
loading (1% strain, 0.5 Hz), or fibroblast growth factor (FGF)4, a member of the FGF/ERK/MAPK
signaling pathway [48]. TGFp2 treatment enhanced scleraxis gene expression across all ages in both
axial and limb tendon progenitor cells. When E16.5 tendon progenitor cells were treated with
combinations of TGFB2, FGF4, and cyclic loading, scleraxis gene expression was upregulated in all
treatment groups that included TGFpB2 [48]. In a similar study, E14 mouse tendon progenitor cells
were compared directly to adult mouse bone marrow-derived MSCs [49]. MSCs had increased
scleraxis gene expression with TGFB2 treatment alone, and when TGFB2 was combined with loading,

FGF4 treatment alone decreased scleraxis [49], even though FGF4 had been identified in early stage
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embryonic mouse and chick tendon development [50, 51]. As before, scleraxis gene expression by

embryonic tendon progenitor cells was upregulated in all treatment groups that included TGFB2 [49].

To further assess the ability of TGFB2 and FGF4 to drive tenogenesis, E3-4 chick forelimbs
were grafted with beads containing FGF4, TGFB2, FGF4 with a Smad2/3 inhibitor (SIS3), or TGFp2
with a FGF/ERK/MAPK inhibitor (PD184352) [52]. Both FGF4 and TGF2 treatment increased
scleraxis expression, and the Smad 2/3 and FGF/ERK/MAPK pathways regulated tenogenesis
independently, as neither inhibitor downregulated scleraxis expression. When evaluated in chick and
mouse limb explant cultures, FGF4 upregulated scleraxis expression in chick limbs, but
downregulated scleraxis in E9.5 mouse limbs. TGFB2 upregulated scleraxis in both animal models
[52]. With scleraxis, tenomodulin was also upregulated in chick forelimb explants from E6.5 and 7.5
treated with TGFP2 and FGF4. Additionally, E5.5, 6.5, and 7.5 chick limbs paralyzed during explant
culture using decamethonium bromide (rigid paralysis) and pancuronium bromide (flaccid paralysis)
had downregulated expression of scleraxis and tenomodulin [52]. FGF4 restored scleraxis expression
in paralyzed chick limbs [52]. FGF4 was not tenogenic for mouse limb cells, where it inhibited
scleraxis expression [52], in agreement with other in vitro models [48]. In the absence of FGF4,
TGFp2 was sufficient to maintain scleraxis and tenomodulin expression in immobilized chick limbs
[52]. Taken together, these studies suggest variations in TGFf and FGF signaling during embryonic
tendon development between species, with only TGFB2 able to induce tenogenesis in both mouse and
chick. These results also indicate that TGFB2 and FGF4 signaling may be initiated by mechanical

stimuli from muscle contractions, to induce and maintain tenogenesis.

TGFp2 was also used to explore tenogenic differentiation in mouse MSCs [53]. TGFp2
treatment upregulated tenogenic genes via the Smad2/3 pathway, as a Smad 2/3 inhibitor (SIS3)
eliminated TGFB2-induced scleraxis expression [53]. In the same study, chemically blocking TGF[
receptors prevented tenogenic gene upregulation. A transcriptomic analysis of developing E11.5 to 14
tendons showed upregulation of several FGF ligands during differentiation, but downregulation of
MAPK signaling [53]. The role of FGF signaling was then assessed in mouse limb explants [53]. A
FGF/ERK/MAPK inhibitor (PD184352) activated scleraxis expression in explants from E9.5 or later,
while activation of the FGF pathway downregulated scleraxis, consistent with prior studies [48].
Taken together, the results of these in vitro mouse and chick models suggest multiple growth factor-
mediated pathways through which tendon development is initiated, modulated, and maintained, but

highlight the pro-tenogenic impacts of TGF2.

Genetically manipulated cells have been utilized in other in vitro models of tendon

development to investigate the role of Smad signaling in TGFB2-induced tenogenesis. In addition to
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Smad2/3, TGFP may drive differentiation of tendon and cartilage through Smad4 [54]. To explore
Smad4 in tenogenesis, 3D fibrin gels were seeded with mouse embryonic fibroblasts modified by
adenovirus-Cre-mediated floxing to knockout Smad4 [55]. Smad4 knockout cells still showed
enhanced tenogenic differentiation with TGFB2 treatment, but without TGFp2-induced proliferation
[55], suggesting that regulators of tendon cell proliferation are important to consider. While scleraxis
expression remained higher in Smad4 knockout cells treated with TGFB2 than wild type controls,
untreated Smad4 knockout cells stained more strongly for glycosaminoglycans (GAGs), suggesting
potential chondrogenic differentiation [55]. This in vitro developmental model demonstrated the role

of TGFP2 and Smad4 in regulating tenogenesis.

Tenogenic induction via TGFB2 was also explored in mouse MSCs over 21 days in vitro.
TGEFp2 treated cells showed fibroblastic morphology and enhanced proliferation, while protein levels
of scleraxis increased at day 14 and 21, and tenomodulin increased at day 21 [13]. Cell-cell junction
protein levels of N-cadherin and cadherin-11 decreased at all timepoints, and connexin 43 increased
before trending downwards [13]. This study further showed that TGFB2 may be useful in tenogenic
induction of MSCs, and that cell-cell junctions found in embryonic tendon (cadherin-11, N-cadherin,

and connexin-43) [42, 56], may also be regulated during tenogenesis.

While TGFB2 appears to regulate tenogenesis, recent work has focused on identifying
regulators of TGFB2. Mohawk was found to bind to the TGFB2 promoter, indicating mohawk directly
influences TGFP2 gene expression [57]. Overexpression of mohawk in cell sheets cultured from
mouse MSCs increased gene expression of scleraxis, tenomodulin, biglycan, decorin, fibromodulin,
tenascin C, and Col I, III, V, and XIV [57]. Ectopic expression of mohawk and scleraxis both
individually decreased the osteogenic and adipogenic potential, as well as the self-renewal capacity of
MSC:s, while neither transcription factor affected the chondrogenic capacity of the cells [57]. Finally,
mohawk was found to more efficiently promote tenogenesis compared to scleraxis ectopic expression,
as ectopic mohawk expression resulted in a higher upregulation of fibromodulin, tenomodulin, and
Col I, 111, and V, as well as larger Col I fibril diameters within the cell sheets [57]. In a different
study, mohawk overexpression in human bone marrow-derived MSCs upregulated expression of
tenomodulin, tenascin C, tenascin XB, and Col I after 7 days, compared to controls [58]. Early growth
response (EGR) 1, a recently identified tenogenic transcription factor [35], has also been explored as
a potential regulator of TGFB2. However, despite evidence that mohawk directly drives TGFp2
expression [57], overexpression of both mohawk and scleraxis in vitro failed to increase expression of
EGRI1 and 2 [58], indicating another mechanism may be responsible for TGFf2 regulation via EGRs.

Collectively, mohawk appears to influence tenogenesis alongside scleraxis, and acts via TGFp2
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signaling, though additional studies are needed to determine how TGFp2 is regulated during tendon

development.

The role of mohawk in tenogenic differentiation was further demonstrated in vivo. mohawk
knockout rats generated via CRISPR/Cas 9 gene editing showed heterotopic ossification of the
Achilles tendon at birth, and at 3 and 4 weeks of age [59]. This is an interesting finding, especially
considering that heterotopic mineralization is frequently observed in human tendinopathies [60].
Furthermore, mohawk knockout rats had systemic hypoplasia of tendons, similar to mohawk
knockout mice [34]. Cells derived from the patellar tendons of 3 week old Mohawk knockout rats had
upregulation of chondrogenic and osteogenic genes, compared to cells from 3 week old mohawk */*
rats [59]. In the same study, overexpression of mohawk via retroviral transduction of patellar tendon-

derived cells from the knockout rats suppressed chondrogenic, osteogenic, and adipogenic

differentiation, consistent with similar findings in mouse.

Overexpression and knockdown of scleraxis have also been used to explore tenogenesis.
Overexpression of scleraxis in human embryonic stem cell-derived MSCs seeded onto knitted silk-
collagen scaffolds increased tenogenic gene expression, cell alignment, and collagen fibril diameter,
compared to control cells [61]. Disruption of scleraxis negatively impacts tenogenesis. Scleraxis-null
mice have tendon hypoplasia, complete loss of some tendons, and diminished tenomodulin expression
[28, 30, 62]. Tendon cells isolated from P7 and P14 rats and treated with siRNA to knockdown
scleraxis had tenomodulin expression that was reduced to 17% of the expression levels in control
cells [62]. Another study knocked down scleraxis expression in equine embryonic stem cells, and
adult and fetal tendon cells [63]. Scleraxis knockdown in fetal tendon cells significantly reduced Col
I, cartilage oligomeric matrix protein (COMP) and Sox9 (a cartilage marker) gene expression, and
reduced cell survival and tissue formation in 3D culture [63]. Interestingly, adult tendon cells were
not affected by scleraxis knockdown. Overall, scleraxis appears necessary to maintain tenogenic
differentiation, possibly through regulation of tenomodulin. Since tenogenesis is mediated at least in
part by TGFp2, the relationship between scleraxis, mohawk, TGFp2, and tenomodulin requires

further investigation.

TGEFp3 treatment and cell type were explored in an embryonic-like tendon formation model
in vitro using human bone marrow-derived MSCs and bone marrow-derived mononuclear cells (BM-
MNCs) [64]. Only MSCs produced embryonic tendon-mimicking collagen fibrils and fibropositors
(cell structures that assemble fibrils) when cultured in fibrin gels under static tension for 7 days.
TGEFp3, Col I, and Smad2 were upregulated in MSCs, and MSC contractility was prevented when
treated with a Smad?2 inhibitor (SB431542). TGFpB3 treatment increased collagen fibril synthesis, and
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upregulated TGFB3, Col I, and Smad2 in MSCs and BM-MNC:s, illustrating a potential role for
TGEFp3 in augmenting the tenogenic potential of human stem cells. In other studies, TGFp3 is
chondrogenic [65], but these results suggest the tenogenic or chondrogenic effects of TGF3 may
depend on factors such as cell type, tension generated by cell contractility, or characteristics of the

engineered matrix.

Other growth factors have been explored in model systems of tendon development in vitro.
Bone morphogenetic proteins (BMPs), members of the TGFf family, are involved in musculoskeletal
tissue and tendon development [66-70] and induce tenogenic differentiation. Human bone marrow-
derived MSCs treated for 5 days with BMP-12 increased expression of mohawk, scleraxis, Col I,
tenascin XB, and decorin, compared to control cells, but tenomodulin levels were not impacted [58].
BMP-12 was also found to increase tenogenic gene expression in adipose-derived [71] and bone
marrow-derived [58, 72] stem cells, making BMP-12 useful for inducing tenogenesis across multiple

cell lines.

The role of other BMP isoforms in limb development was examined via in sifu hybridization
of chick limb autopods from E6.5 and 8, and in vitro micromass culture of E4.5 chick progenitor
mesodermal cells isolated from limb buds [73]. Cells in micromass culture were treated throughout 12
days with exogenous BMP-2, 4, 5, and 7, as well as growth and differentiation factor (GDF)-5. In 2-
day cell cultures treated with BMP-2 for 6 h, and in 4-day cell cultures treated with BMP-2 for 6 h,
scleraxis expression was downregulated. Inhibition of BMP-2 upregulated scleraxis in 2-day cultures,
but surprisingly, scleraxis was downregulated in 4-day cultures treated with a BMP inhibitor
(AB204). These findings indicate that the cellular response to available BMPs depends on transient
gene expression occurring in the target cells at the time of BMP signaling, and can vary based on
culture day [73]. Understanding the variable cell responses to the same signaling pathway during
differentiation provides new opportunities for understanding the spatiotemporal regulation of

tenogenesis.

In addition to growth factors, several in vitro models have examined potential biochemical
contributions of the extracellular matrix (ECM) during tenogenesis [74]. When E14 chick metatarsal
tendon cells were cultured in fibrin or collagen gels, the gene expression profiles of cells in fibrin
were most similar to native embryonic tendons, whereas cells in collagen gels had expression profiles
more similar to cells in 2D culture, with an overall reduction in mechanotransduction-associated gene
expression [75]. In addition to an ellipsoid cell morphology and parallel alignment, cells in fibrin
constructs secreted their own de novo collagen matrix, which occurs in normal development [75].

Similarly, tendon and ligament progenitor cells from E17.5 scleraxis-GFP mice displayed increased
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collagen alignment and linear region elastic modulus when seeded in fibrin gels, compared to
collagen gels. Cells in fibrin gels also had increased scleraxis, tenascin C, and fibromodulin
expression after 14 days in culture [76]. Based on these studies, embryonic tendon may be better
represented by in vitro models that incorporate minimal collagen matrix, which mimics the low

collagen content found in developing tendons [39, 40].

Embryonic tendon cells produce matrix metalloproteinases (MMPs), enzymes that can
degrade collagen and other proteins that may regulate the cell’s local biochemical environment.
MMP-2, membrane type (MT)1-MMP, and MT3-MMP are present within tendon during embryonic
development [77-79], and these MMPs may play a role in tendon tissue formation. Based on its
presence in embryonic tendon, MT1-MMP was explored in an in vivo rat rotator cuff injury model
[80]. Fibrin glue seeded with bone marrow-derived MSCs genetically manipulated to overexpress
MT1-MMP was injected into a supraspinatus tendon injury. Tendons repaired with MT1-MMP
overexpressing MSCs had improved mechanical properties and more fibrocartilage at 4 weeks post-
injury, compared to control MSCs, suggesting that MT1-MMP augmented the healing process [80].
Based on these findings, developmentally inspired MMPs deserve further study in models of tendon

formation.

Overall, model systems have applied growth factors and biochemical cues identified in
embryonic tendon development to influence tendon formation in vitro. TGFB2 has been increasingly
explored, as it appears to induce tenogenesis across a range of in vitro systems. Future model systems
need to identify how TGFp2 is produced and controlled to direct tendon formation. Interactions
between biochemical cues (ECM and growth factors) are complex and may vary based on the cell
type and species used, the timing and concentration of each biochemical cue, and the presence of

mechanical loading. Such interactions need to be further explored in isolation and combination.

Mechanical factors
Elastic modulus

Elastic modulus, the measure of a material’s resistance to elastic (i.e., non-permanent)
deformation, is a factor that may guide stem cell differentiation [81, 82], and a few studies have
measured the elastic moduli of embryonic tendons. Tensile testing showed that elastic moduli of E13
to 18 chick tendons range from approximately 200 kPa to over 20 MPa [46, 83, 84]. Nanoscale and

microscale elastic moduli of chick calcaneal tendons from ES5.5 to 17, measured by force volume-
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atomic force microscopy, increase nonlinearly from 7 to 21 kPa, and from 5 to 108 kPa, respectively
[40]. These increases in elastic modulus occur simultaneously with differentiation of tendon

progenitor cells, and may be an important tenogenic factor that several model systems have explored.

To identify the impact of elastic modulus on tenogenesis, alginate hydrogels were designed to
mimic the elastic modulus of embryonic tendon at specific developmental stages [85]. Alginate
hydrogels functionalized with arginyl-glycyl-aspartic acid (RGD), to enable cell attachment, were
tuned using a combination of alginate concentration and calcium crosslinking density to have
nanoscale elastic moduli from 3.4 to 20.1 kPa, representing the nanoscale elastic moduli of embryonic
chick tendon from prior to E5.5 and up to E17 [85]. Tendon progenitor cells isolated from E11 chick
calcaneal tendons were encapsulated in the 3D alginate hydrogels and cultured for 7 days in vitro.
Scleraxis and Col XII gene expression increased at the highest elastic modulus (representing late
stage embryonic tendon). Col I expression was downregulated at elastic moduli representing middle
and later embryonic stages, whereas tenomodulin and Col III were not affected by elastic modulus
[85]. This model suggests that embryonic tendon mechanical properties impact tenogenic markers,
but additional factors may be needed, as late stage tendon markers (tenomodulin) were not affected. It
is also possible that embryonic magnitudes of elastic moduli are not fully representative of the
tenogenic environment. Tendon formation continues throughout postnatal development with increases
in differentiation markers [86], collagen content, and mechanical properties [38, 39]. For example,
linear region elastic modulus of postnatal mouse Achilles tendon increases from approximately 87
MPa at P4 to 544 MPa at P28, and toe region elastic modulus increases from 25 MPa to 72 MPa [39].
Elastic modulus of postnatal tendon can serve as a template for models aiming to mimic the complete
developing tendon environment. As the stress-strain relationship in tendon is non-linear [87], the
elastic modulus (e.g., toe region or linear) that impacts tenogenesis needs to be explored.
Furthermore, tendon material properties can be evaluated at nano- and microscales (e.g., atomic force
microscopy) or bulk scale (e.g., uniaxial tensile test), but how each scale impacts cells is unknown
and challenging to uncouple. Model systems exploring the effects of bulk and cell-level material

properties on tenogenesis are needed.
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Static and dynamic tensile loading

Mechanical loading is a critical factor in tendon development, and has been highlighted in
recent reviews [9, 10, 26]. In the developing embryo, quasi-static or static loading may result from
limb lengthening or the contractile forces generated by the tendon cells themselves, while dynamic
loading results from skeletal muscle contractions. /n vitro bioreactor systems have been developed to
apply mechanical stimuli [55, 88-90], with loading enhancing tenogenic markers [4, 5, 91], collagen
production [92], and mechanical properties [46, 93-95] of engineered tissues. Here, we discuss

developmentally mimicking tendon models that investigate the effects of static and dynamic loading.

Tendon cells isolated from adult human semitendinosus and gracilis tendons and cultured in
fibrin gels under self-generated static tension produced embryonic-like tendon tissue, with increased
collagen fibrillogenesis and deposition of aligned collagen fibrils [92]. After 10 days of culture, force-
displacement curves displayed the characteristic toe and linear regions of tendon [92]. The cells
produced Col L, III, XII, and XIV, fibronectin, integrin a5, and small-diameter collagen fibrils and
fibropositors, all components found in embryonic tendon [92]. With the right environment and self-
generated static tension, adult tendon cells may behave as embryonic tendon cells, and develop an
embryonic tendon-like tissue. However, in a different study, fibrin gel contraction by embryonic
tendon cells occurred at a faster rate than adult tendon cells [46]. While adult tendon cells may form
embryonic-like tissues in vitro, the ability for embryonic tendon cells to rapidly modify their
microenvironment by contraction may result in functionally distinct tissues and should be considered

when evaluating cell types for in vifro developmental models.

Slow stretching has been explored in a model of tendon formation, based on the observed
increase in limb length during development [96]. Specifically, lengthening of the third metatarsal in
chick from E10 to 14 was proposed to stretch the developing metatarsal tendon. To mimic this, a slow
continuous stretch was applied to embryonic chick metatarsal tendon cells seeded in fibrin gels [84].
Slow stretching (2 mm/day over 4 days to double the construct length from 8 to 16 mm) increased
collagen fibril diameter, fibril packing volume, and stiffness, all characteristics of more mature
tendon (Figure 2.2) [84]. Unstretched controls resembled early stage embryonic tendon. Extrinsic
stretch can be effectively applied to mimic in vivo stretch experienced by the developing tendon, but

the appropriate magnitudes and timing for each tendon need further characterization.
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Figure 2.2 Stretch influences collagen fibril formation in an embryonic tendon model.

Transmission electron microscopy images of fibrin gel tendon constructs seeded with embryonic chick
metatarsal tendon cells at day 0 (T), and after four days (T4) with and without stretching. Slow stretching (2
mm/day) increased collagen organization and collagen fibril packing volume in this in vitro model of
embryonic tendon formation. Scale bar = 250 nm. Figure reprinted with permission by Wiley Periodicals,
Inc. from Kalson et al 2011 B4,

Dynamic movement in the embryo is facilitated by developing muscles, whose concomitant
development alongside tendons provides both mechanical and biochemical cues that drive tenogenic
differentiation. Pax3 knockout mice (Pax3%"¥*P%), which lack skeletal muscle, show that tenogenesis is
initiated even in the absence of normal myogenesis [11]. However, while initial tenogenic induction
is independent of muscles, tendons are unable to elongate and are subsequently lost by E13.5 in
Pax35P¥5Pd myscle-less mice [11], similar to prior studies in muscle-less chick limbs [50, 97, 98].
When muscles were intact, but genetically altered via a muscular dysgenesis (mdg) mutation to limit
movement, tendon progenitors in the embryonic mouse forelimb were maintained at E12.5 [11].
However, tendons from mdg mice at E16.5 were smaller than in wild-type mice, though they were not
diminished to the same extent as tendons from Pax35*5P muscle-less mice [11]. While muscles may
not be required for tenogenic induction, several previous studies suggest that muscles and subsequent
mechanical stimuli are needed for continued tendon development [11, 12, 50, 97, 98]. This was
further demonstrated in a chick model. Chick embryos subjected to systemic rigid paralysis (using
decamethonium bromide) for 48 h had reduced calcaneal tendon elastic modulus at E17, whereas
hypermotility (using 4-aminopyridine) increased elastic modulus [12]. Lysyl oxidase (LOX), an
enzyme involved in collagen crosslinking and embryonic tendon mechanical property development
[99], was also assessed in calcaneal tendons in embryos and limb explant cultures from paralyzed and
hypermotile chicks at E19 [12]. In embryos, paralysis reduced LOX activity, and when LOX was

inhibited, hypermotility no longer increased elastic modulus. Overall, embryonic movements may



22

regulate the formation of tendon mechanical properties through LOX-mediated collagen crosslinking.
Based on these studies, in vifro models exploring mechanical loading may consider LOX-mediated
mechanisms of tissue formation. Furthermore, exogenously applied LOX increased ultimate tensile
strength and modulus in an engineered tissue model [100], suggesting that LOX can be successfully

used to enhance tissue mechanical properties in vitro.

In vitro, cyclic loading representing contracting muscles during development has the potential
to impact tenogenesis. For example, cyclic loading of mouse MSCs seeded in collagen gels increased
scleraxis and Col I gene expression, over static controls [91]. Scleraxis also increased as a function of
strain magnitude and number of loading repetitions. Similarly, cyclic loading enhanced tendon tissue
formation and tendon gene expression in self-assembly models that captured embryonic tendon
cellular cues [44, 45]. However, appropriate levels of loading (e.g., strain magnitude, frequency, rate,
duration, etc.) for tendon formation are still unknown. The in vitro models reviewed here may be
employed to determine these loading parameters in bioreactor systems isolated from other
confounding factors associated with in vivo models. Determining the timing, intensity, and duration
of tenogenic mechanical stimuli is a challenge for tendon tissue engineering, and will require

additional in vivo and in vitro studies.

To explore mechanical loading parameters, computational models may be a good alterative,
but have only been used for evaluating enthesis formation. The enthesis is a progressively mineralized
fibrocartilage interfacial tissue that extends from the tendon to the bone insertion and is impacted by
loading [22, 23, 101, 102]. A computational model of mineralization during enthesis formation was
developed based on histological data from mice at P7, 10, 14, 28, and 56 [103]. The mineralization
gradient was predicted to be driven by cell-level stress rather than tissue-level stress, which may
allow for relatively small tissue-level stresses to drive mineralization via the larger effect exerted on
individual cells [103]. Cell-level local stresses predicted by the model at early time points almost
reached adult physiological levels, likely stimulating mineralization [103]. The development of this
complex interface tissue has been explored in vivo [104-106], but future engineered systems and
computational models may be useful for understanding the mechanical and biochemical factors

involved in enthesis and tendon formation.

Models of adult tendon injury
Adult tendon contains a dense network of aligned and continuous collagen fibrils that are
responsible for force transmission [107, 108]. Unfortunately, the incidence of tendon ruptures is
increasing [14, 109, 110], and tendon heals as disorganized scar tissue that does not regain

mechanical function [3, 111]. A major challenge has been a limited understanding of the numerous
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factors that influence tendon injury (e.g., tendinopathy and ruptures) and healing. Model systems and
computational models have been developed to explore impacts of mechanical loading, biochemical

factors, and inflammatory cytokines on adult tendon injury and healing (Table 2.2).



Table 2.2 Summary of tendon injury models

Injured Tendon Characteristics Model Characteristics | Model Outcomes | References
Soslowsky
o Induced overuse
Downhill running in 2000 [
injury in the
rats ) Archaumbault
supraspinatus 2006 11201
Reduced stiffness
) ) and tensile
Bipedal downbhill )
Overuse injury o strength; localized | Ng 2011 ['2!]
running in rats
disintegration of
collagen bundles
Achilles tendons ] ]
Heinemeier
. o adapted to loading;
Uphill running in rats 2012 1]

no observable

pathology

Dirks 2013 (18]

Transection/Acute injury

Neonatal and adult
mouse Achilles

tendons

Regeneration
observed in
neonates, but not

adults

Howell 2017 ['371

Mouse supraspinatus
tendons with full and

partial transections

Different cell
populations

involved in

Moser 2018 [147]
Yoshida
2016 14
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healing of full
versus partial
injury; distinct cell
lineages
participate in

healing response

Rat Achilles tendon
partial transection

repaired with scaffolds

Cells in scaffolds
expressed mohawk

during repair

Otabe 2015 B8

Mohawk-

overexpressing

MSC sheets
Mouse Achilles resulted in
tendon full increased collagen
transections repaired fibril diameter, )
with MSC sheets visible crimp, Liu 201577
overexpressing increased stiffness,
mohawk elastic modulus,

maximum force

and stress, and

energy absorbed
Canine digital flexor Following injury, | Manning
tendons IL-1B upregulated | 2014 33!
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4,000-fold, MMP-
13 upregulated
24,000-fold

IL-1P treatment

E15 and P7 mouse
tendon cells treated

with IL-1p

Higher expression
of IL-6, TNFa,
COX2, MMP-3
and MMP-13 in
P7 compared to

E15

Li2019 [16%]

Human patellar tendon

fibroblasts treated with

IL-1p and strain

IL-1p and 8%
strain upregulated
MMP-1, COX2,
and PGE2; IL-1p
and 4% strain
downregulated
expression of
MMP-1, COX2,
and PGE2
compared to 8%

strain

Yang 2005 134

Adult and fetal equine

tendon cells, and

equine embryonic

Adult and fetal
tendon cells

upregulated MMP-

McClellan
2019 158
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stem cells treated with

IL-1B

1,-2,-3,-8,-9,
and -13, tenascin-
C, Sox9, and
downregulated
scleraxis and
COMP, compared
to embryonic stem

cells

Genetic knockouts

Tenomodulin

knockout mice with

Downregulation of
Col I, tenascin-C,

thrombospondin 2,

transected and and TGFp1; Lin 2017 161
repaired Achilles upregulation of
tendons scleraxis, COMP,
and proteoglycan 4
Delayed healing
GDF-5 knockout mice
) and increased Chhabra
subjected to Achilles )
o adipocytes in 2003 ez
tendon injury
knockouts
Decorin-null and Smaller diameter Dunkman
biglycan-null mice collagen fibrils, 2014 16
subjected to full decreased cell Dunkman
thickness, partial density, and 2014 [166]
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width patellar tendon
injury in adult and

aged groups

altered cell shape
and collagen
alignment in
knockouts;
biglycan
influenced early
healing, decorin
influenced late

healing

Chronic Injury/Induced
Tendinopathy

Transection or Botox-
unloading of rat

Achilles tendon

Irreversible loss of
scleraxis
expression with
transection; partial
loss and return of
scleraxis with

Botox

Maeda 2011 [1¢7]

Immediate or delayed

repair of rat rotator

Delayed repair had
worse outcomes

than immediate

Killian 2014 168

cuff injury ]
repair
Warburg pathway,
TGFp1 injection to rat
hypoxic, Sikes 2018 7!
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glycolytic
metabolism gene

activation

Collagenase injection

in rat Achilles tendon

Increased IL-6 and
MMP-9 in
senescence-
accelerated rats
compared to
senescence-

resistant rats

Ueda 2019 51

Carrageenan injection
in rat patellar tendon;
treatment with IL-1

receptor antagonist

Carrageenan
decreased tendon
length, and
increased MMP
activity and
inflammation.
Inflammation
absent with IL-1

receptor antagonist

Berkoff 2016 [13”]

Stress deprivation in

rat tail tendons

Increased MMP-

13 expression

Arnoczky
2007 2
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Ex vivo Loading

Stress deprivation in

rat tail tendons

Stress deprivation
decreased

TIMP/MMP ratio;
loading increased

TIMP/MMP ratio

Gardner
2008 1331

Fatigue loading of rat
flexor digitorum
longus tendon loaded
at low (6.0%—7.0%),
moderate (8.5%—
9.5%), and high
(11.0%—12.0%) tensile

Isolated fiber
deformations at
low strain; fiber
dissociation and
localized rupture,
decreased
stiffness, and

increased

Fung 2009 !4

strain hysteresis at high
strain
Collagen
Equine flexor and synthesis,
extensor tendon cells | proliferation, Goodman
subjected to 10% COMP expression | 2004 18]

biaxial cyclic loading

as a function of

tendon type
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Equine superficial
digital flexor tendon

fascicles cyclically

Increased

expression of IL-6,

Thorpe 2015 12!

loaded from 2-12% COX2, Cl1, C2,
uniaxial strain and and MMP-13
1800 cycles

Collagen fiber

Bovine deep digital
flexor tendons
cyclically loaded from
1-10% strain

disruption, kinks,
and interfascicular
network damage,
and expression of
IL-6, COX2,
MMP-1, 3, and 13

Spiesz 2015 127!

Mouse patellar tendon
cells isolated from 3-
week old mohawk
knockouts and
subjected to 4% cyclic

tensile loading

Increased
chondrogenic gene
expression (Col II,

Aggrecan, COMP)

Suzuki 2016 B

Cell- and tissue-level
responses to strain
simulated via Hill

functions

Tissue-level
response similar at
low and high

strain conditions

Mehdizadeh 2017

[179]
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Computational models

Hill-type equations of
human Achilles-soleus

unit

Proteolytic
damage leads to
collagen fiber
shortening;
mechanical
damage lengthens

fibers

Young 2016 ['*]

Regression model of

healing

Multiple
differential
predictors of early
development and
early
developmental
healing; however,
no differential
predictors of late
development and
late developmental

healing

Ansorge

2012 [1801

2D FEA simulation of
“jumper’s knee” in

Patellar tendon

Highest localized
strain predicted

successfully

Lavagnino

2008 17
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Agent-based model of
collagen fibril
alignment with
applications in tendon

loading during healing

Peak collagen
alignment occurs
at lower strain
level than peak
deposition; peak
deposition occurs
above damage

threshhold

Richardson

2018 184

Multiscale OpenSim
model of cellular
responses to various

loading parameters

Single set of
cellular response
curves explained
tendon behavior
observed in
several different

experiments

Chen 2018 1821

Empirical model of
patellar tendon

response to aging and

injury

Effects of aging
and injury on
patellar tendon
mechanical
properties
predicted by

damage models

Buckley
2013 184
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Empirical model of
Achilles tendon
response to decorin
and biglycan knockout

in aging mice

Model predicted
changes in
dynamic modulus
resulting from
decorin and

biglycan knockout

Gordon 2015 (18]
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Mechanical Loading
Overuse injury

Adult tendon injury may be influenced by mechanical loading [112-115]. Models to explore
overuse injury have induced uphill and downhill treadmill running in animal models. Adult rats
running on a 10° incline treadmill (1 h/day, 5 days/week) over 12 weeks had no observable Achilles
tendon damage, compared to controls [116]. Elastic modulus and the ratio of failure stress to body
weight increased in Achilles tendons from the running group. Running upregulated expression of Col
IIT and insulin-like growth factor (IGF)-I, but downregulated TGF1, connective tissue growth factor
(CTGF), and ECM components fibromodulin and biglycan, with no impact on Col I. Notably, these
gene expression profiles are not observed in human tendinopathies [117]. The increased mechanical
properties coupled with these changes suggest that tendons adapted to increased mechanical stimuli
and exercise may maintain or improve tendon health, but this did not produce an overuse injury
model [116]. These results were consistent with a study that found no histological evidence of tendon
injury with uphill running in rats [118]. In contrast, downhill running on a 10° decline (17 m/min, 1
h/day, 5 days/week) for 4, 8, or 16 weeks induced an overuse injury in the supraspinatus tendon of the
rotator cuff in adult rats [119]. Compared to unexercised controls, downhill running increased
cellularity and rounded cell-shape, and decreased collagen fiber alignment, cross-sectional area,
maximum stress, and elastic modulus [119]. In a follow-up study, 2 and 4 weeks of downhill running
increased cartilage-associated gene expression for Col II, aggrecan, and Sox9 in the rat supraspinatus
tendon, compared to nonrunning controls [120]. These rat models of tendon overuse demonstrate that
some tendons can adapt to mechanical loading, while others display pathology, suggesting that
specific tendons are more prone to overuse injuries, an important consideration for selecting an

appropriate model system.

A potential limitation of rat models in overuse tendon injury is the difference in locomotion
between bipedal humans and quadrupedal rats. To address this, a custom treadmill was used to allow
adult rats to run downbhill bipedally on a 20° decline (1h/day, 7 days/week) for 8 weeks. Achilles
tendons of the running group had increased cell proliferation, a more ovoid cell morphology, and less
organized ECM, with localized disintegration of collagen bundles. Bipedal running also reduced
stiffness and ultimate tensile strength, compared to controls [121]. Achilles tendons did not appear to
adapt to the increased loading demands with this magnitude of bipedal running, but appeared
pathogenic, making this a potentially good model of Achilles tendon overuse injury. However,
bipedal running in a normally quadrupedal animal may be a confounding factor. Model systems to

mimic human adaption or overuse injuries in tendon are needed, and also must consider other
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potential factors including age, gender, systemic inflammation, co-morbidities, prior injuries, and
lifestyle. Specific loading parameters such as duration and intensity also need to be explored as
studies in human Achilles tendon show adaption as a function of strain magnitude during loading

[122, 123].

Ex vivo models have examined damage in tendons resulting from repetitive loading. Fatigue
damage in isolated adult rat flexor digitorum longus tendons was assessed at low (6.0%—7.0%),
moderate (8.5%-9.5%), and high (11.0%—12.0%) peak levels of clamp-to-clamp tensile strain [124].
Samples were cycled between 1 and 16 N at 0.75 Hz until the desired strain magnitude was reached.
Stiffness decreased and hysteresis increased, but only at high strain. Low strain led to isolated
collagen fiber damage, but as strain increased, fiber dissociation and localized rupture were observed,
and damaged fiber areas increased. This model expanded the range of strains that must be considered
when assessing tendon damage, but used a relatively high strain magnitude (12%), which may
account for the differences observed between strain magnitudes. Interleukin (IL)-1p, an inflammatory
cytokine, and MMP-13 may also be impacted by strain magnitude applied to tendon [125]. Adult
female rat patellar tendons were cyclically loaded in vivo between 1 and 35 N at 1 Hz until reaching
0.6% or 1.7% strain. Following 1 and 3 days of recovery, tendons elongated to 1.7% displayed
microstructural damage and upregulated expression of MMP-13 and IL-1f, compared to the 0.6%
group, which downregulated expression of both MMP-13 and IL-1 [125].

Other ex vivo models applied mechanical loading to isolated tendons and tendon fascicles.
Equine superficial digital flexor tendon fascicles cyclically loaded from 2 to 12% uniaxial strain for
1800 cycles had increased levels of inflammatory mediators, IL-6 and cyclooxygenase 2 (COX2)
[126]. Collagen degradation markers, C1 and C2, and MMP-13 activity were also increased with cells
appearing rounder and less elongated. Although these markers of tendon damage were increased,
overall levels were relatively low, indicating a possible low-level inflammatory response. Low-level
inflammation with loading may have implications for long-term tissue health, rather than inducing an
acute injury. Similar results were obtained when bovine flexor tendons were cyclically loaded from
1-10% strain [127]. Loaded tendons had collagen fiber disruption and kinks, and interfascicular
network damage, as well as expression of IL-6 and COX2, which were absent from non-loaded
controls (Figure 2.3). MMP-1, 3 and 13 were detected in interfascicular regions of loaded tendons,
but only minimally detected in controls [127]. The interfascicular tissue involvement in the loading

response is a novel finding of this model, and highlights a possible role in tendon pathology.
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Loaded Loaded
300 cycles 1800 cycles

Static control

H-DAPI M -IL-6 [@-COX-2

Figure 2.3 Mechanical loading impacts ex vivo tendon damage.

Ex vivo static a) and cyclically loaded (b, ¢) bovine flexor tendon fascicles immunostained for inflammatory
markers IL-6 (red) and COX-2 (green), and co-labeled for cell nuclei (DAPI, blue). Fascicles and the
interfascicular matrix of the loaded samples show damage (white ellipses), with collagen fiber kinks and
interfascicular matrix disruption. IL-6 and COX-2 are found in loaded samples only, with COX-2 expression
increasing with cycle number. Scale bar = 10 pm. Figure reprinted under a Creative Commons Attribution
License from Spiesz et al 2015 [127],

In vitro cell culture models have assessed effects of cyclic strain and growth factors on
tendon cell behavior, as a function of tendon type. Equine tendon cells isolated from flexor and
extensor tendons of fetal, P11, 8 month, and 4, 8, and 10 year old horses were cyclically loaded to
10% strain for 24 h, and treated with TGFB1 or TGFB3 [128]. TGFB1, TGFB3, and cyclic strain did
not increase flexor tendon cell proliferation. Extensor tendon cell proliferation was increased by
loading, but not by TGFB1 or TGFB3 treatment. TGFB1 and TGFf3 increased Col I and III
production, incorporation of 3-hydroxyproline into the collagen, and COMP in both cell types
regardless of whether cells were loaded, but when TGFB1 or TGFB3 were combined with loading,
neither cell type had increased proliferation at any age. COMP and Col I and III synthesis was higher
in flexor tendon cells from horses up to 8 months old, compared to flexor cells isolated from older
horses. Interestingly, age had no effect on activity of extensor tendon cells. Tendon-specific responses
to mechanical stimulation and aging emphasize the importance of controlling for tendon type in

model systems.

In a different cell culture model, adult rat patellar tendon cells were loaded in vitro via

hydrostatic pressure to 2.5 and 7.5 MPa [125]. Both loaded groups upregulated IL-1p and MMP-13
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expression, compared to unloaded controls. siRNA knockdown of IL-1p partially suppressed loading-
induced MMP-13 expression and activity [125]. MMP-13 has been associated with human
tendinopathies [129], and this model shows that MMP-13 expression may be regulated by loading
and resulting inflammatory cytokines. Using model systems, loading parameters to induce an
adaptive rather than pathogenic response may be identified and provide opportunities for clinical

interventions incorporating loading,

While tendon over-loading may induce damage, under-stimulation also leads to pathology
[112, 130-133]. MMPs have been explored as mediators of load-dependent tendinopathy in ex vivo
models of stress deprivation. Adult rat tail tendons subjected to one week of stress deprivation ex vivo
increased MMP-13 gene expression and enzymatic activity, and inhibiting MMPs improved ultimate
stress, tensile modulus, and strain at ultimate stress [134]. Mechanical loading also stimulates tissue
inhibitors of metalloproteinases (TIMPs), which inhibit MMPs [135]. Stress deprivation of rat tail
tendons ex vivo decreased the TIMP-1 to MMP-13 ratio, compared to cyclically loaded controls
[135]. When tail tendons were subjected to 1%, 3%, or 6% cyclic strain for 24 h, all groups increased
the TIMP-1 to MMP-13 ratio [135]. Mechanically activating TIMPs may prevent MMP-mediated
degradation. Mechanical stretch may also protect collagen fibers aligned along the axis of loading by
hiding MMP-cleavable degradation sites within the collagen [136-141]. Based on these models, stress
deprivation in tendon may stimulate MMP production, while also making collagen more susceptible

to MMP degradation, but these compounded effects need further study in vivo.

A few injury models have explored how mechanical loading impacts tendon healing. When a
supraspinatus injury was cast immobilized in adult rats, mechanical, compositional, and structural
properties improved, compared to injured groups allowed cage activity or allowed to run at 10 m/min
for 1 hr/day and 5 days/week [142]. However, immobilized groups had upregulated chondrogenic
genes, while exercise upregulated tenogenic genes [142]. Another study investigated Achilles tendon
injuries in mice [143]. Healing of a bilateral full thickness, partial width excisional injury was
evaluated at 0, 1, 3, or 6 weeks. A fatigue test showed initial decreases in tangent stiffness, dynamic
modulus, and hysteresis immediately following injury that were not improved after 6 weeks of
healing [143]. In a follow-up study, the hindlimbs were cast-immobilized in plantarflexion for 1 or 3
weeks following Achilles tendon transection, and then assessed after 16 weeks [144]. Tendons
immobilized for 1 week had lower joint stiffness in plantarflexion than tendons immobilized for 3
weeks, though both were increased compared to transected controls with normal cage activity. Stride
width during walking, tendon cross-sectional area, and laxity (the tendency of the tendons to elongate

under fatigue loading) increased in mice immobilized for both 1 and 3 weeks, compared to uninjured
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controls. Secant stiffness remained at pre-injury levels, and tissues appeared histologically normal for
both injured groups [144]. This model recreated immobilization periods consistent with conservative
management of acute tendon injuries in humans, and showed some improvement in tendon
mechanical properties. However, laxity may lead to joint dysfunction, and may be regulated by
contractile tendon cells [145, 146], suggesting immobilization during healing did not return tendons
cells to their normal function. Taken together, these injury models show that the mechanical

environment may play a role in tendon healing.
Surgical injury models of the rotator cuff

Surgical models to induce injury have shown promise for identifying factors that influence
rotator cuff healing. Partial and full detachment tears of the supraspinatus tendons in adult mice were
induced by either insertion of a 26G needle through the central portion of the supraspinatus tendon
into the insertion site at the enthesis, or a full transection and surgical repair using sutures [147]. Both
injury models healed via scar formation, but the amount of scarring following full detachment and
repair led to permanent impairments in gait and disruption of the architecture and organization of the
enthesis. In the partial tear model, gait was not affected, but there was still considerable hypercellular
scarring and increased cell density within the healing enthesis. In the same model, lineage tracing
showed minimal scleraxis or Sox9 expression in the scar, suggesting that that the scar-forming cells
were not predominantly derived from tendon, articular cartilage, or unmineralized enthesis [147].
Axin2-expressing cells (indicating resident stem cell lineage) were not found in the scar of the partial
tear model, but were the majority of cells detected in the scar of the full tear. Sox9-expressing cells
were detected in the articular cartilage of the humeral head, the unmineralized enthesis fibrocartilage,
and near the insertion in both the full and partial tear models [147]. These results suggest that distinct

cellular mechanisms may operate in response to partial or full tear injuries of the rotator cuff.

Another surgical model developed a full-thickness injury by detaching the central portion of
the supraspinatus tendons of adult mice [148]. Healing was assessed at 1, 2, and 5 weeks post-
surgery along with evaluating smooth muscle actin, proteoglycan-4, and aggrecan-expressing cells at
the site of healing. 2 weeks post-surgery, proteoglycan-4 expressing cells were found in midsubstance
and in the paratenon on the bursal side of the supraspinatus, as well as in the articular cartilage of the
humerus and joint capsule, while smooth muscle actin-expressing cells were localized to the
paratenon, blood vessels, and periosteum [148]. Aggrecan-expressing cells were found in the articular
cartilage of the humerus, the unmineralized fibrocartilage at the supraspinatus tendon enthesis, and in
the fibrocartilage cells of the acromioclavicular joint, but were not found elsewhere in the

midsubstance, myotendinous junction, or paratenon [148]. The distal stump of the injured tendon
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underwent minimal remodeling, as indicated by a lack of labeled cells, but cells from both the bursal
and articular surfaces appeared to contribute to healing, a novel finding in rotator cuff injury models
[148]. Together these models have implications for the type of surgical model used to investigate
rotator cuff injuries (i.e. partial or full transection). The identification of multiple distinct cell lineages
participating in the healing process is interesting and worth exploring in chronic models of rotator

cuff injury.

Biochemical factors
Inflammatory cytokines

The inflammatory cytokines IL-6 and IL-1f have been implicated in tendinopathies [149,
150]. IL-6 and MMP-9 were upregulated in adult senescence-accelerated and senescence-resistant
mice in response to collagenase type I injections in the Achilles tendon, compared to controls injected
with saline [151]. Upregulation of IL-6 was higher in the senescence-accelerated mice compared to
the senescence-resistant mice, suggesting the inflammatory response increases with age. IL-6 was
also upregulated in tendon cells from bovine extensor tendon fascicles cyclically loaded to 30% and
60% of failure strain [152]. Compared to unloaded controls and fascicles loaded to 60% of failure
strain, fascicles loaded to 30% of failure strain increased IL-6 and Col I expression and had no
structural damage. Together, these findings suggest that IL-6 is involved in an adaptive response to
loading and may be influenced by aging, but additional studies are needed to distinguish adaptive and

pathological functions of IL-6.

IL-1B is a potent mediator of inflammation and is associated with tendon injuries [153]. IL-1
was upregulated 4,000-fold, 1 day after a laceration injury in canine forelimb flexor tendons, and
remained elevated compared to uninjured controls for 9 days post-injury [153]. /n vitro, human
patellar tendon cells treated with IL-1p and cyclically loaded to 8% strain in vitro for 4 h upregulated
expression of MMP-1, COX2, and prostaglandin (PGE)2, compared to cells treated with IL-1f3 and
stretched to 4% strain [154]. When compared to unstretched controls, 4% strain and IL-1[
downregulated expression of MMP-1, COX2, and PGE2, while 8% strain and IL-1p upregulated
MMP-1, COX2, and PGE2 [154]. This in vitro model shows that mechanical stimulation and IL-10

may mediate markers of tendinopathy.

In vivo tendon injury models show that embryos and neonates retain greater regenerative

capacity than adults [155, 156]. For example, an Achilles tendon transection in neonatal (P5) mice
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showed regenerative healing, with a return to pre-injury mechanical properties and gait, while adult
mice healed with scar and diminished mechanical properties [157]. IL-1p has been explored in model
systems aimed at understanding the inflammatory responses in adult and fetal tendon cells. IL-1
treatment of adult equine tendon cells increased expression of MMP-1, 2, 3, 8, 9, and 13, as well as
tenascin-C and Sox9 (a chondrogenic marker), and decreased expression of scleraxis and COMP,
compared to IL-1p treated equine fetal tendon cells and tendon cells derived from equine embryonic
stem cells [158]. Gene expression of tendon cells derived from embryonic stem cells was not altered
with IL-1B, possibly due to lower expression of IL-1 receptors and increased expression of IL-1
decoy receptors. This model suggests that tendon cells derived from embryonic stem cells retain their
reduced response to inflammatory cytokines (e.g., IL-1B). Additionally, blocking IL-1 receptors may
limit adult tendon pathology [159]. Impacts of IL-1p were also explored in isolated E17 and P7
mouse tendon cells [160]. When directly compared to E15 cells, P7 cells treated with IL- 1B for 24 h
upregulated inflammatory mediators, specifically IL-6, tumor necrosis factor (TNF)a, COX2, MMP-3
and MMP-13 [160]. Together, these in vitro models showed that postnatal and adult tendon cells have
an inflammatory response to IL-1f, which may contribute to poor postnatal tendon healing and scar
formation, and are intrinsically different from embryonic cells. Improved understanding of the
pathways regulating scarless healing in embryonic and neonatal tendons may advance adult tendon

healing strategies.
Knockout and overexpression models

Animal models have been developed to explore impacts of specific proteins on tendon injury
and healing. Tenomodulin knockout mice and wild-type controls underwent Achilles tendon
transection and surgical repair [161]. Col I, tenascin-C, thrombospondin 2, and TGFB1 were
downregulated in tenomodulin knockouts, but scleraxis was upregulated, along with chondrogenic
genes, COMP and proteoglycan 4. Compared to wild-type controls, scar tissue in tenomodulin
knockout mice was more disorganized and had increased adipocyte and blood vessel accumulation,
apoptosis, and reduced tendon cell proliferation. These findings suggest that tenomodulin may be an

important factor in regulating adult tendon healing.

Mohawk may be involved in tendon cell responses to loading and healing. Cells isolated from
patellar tendons of 3 week old mohawk knockout rats and subjected to 4% cyclic tensile loading for 6
h in vitro had increased chondrogenic gene expression, compared to control cells from mohawk /*
animals [59]. Cyclic loading of tendon cells from mohawk /" rats increased expression of the
tenogenic genes, mohawk, and Col I and III [59], suggesting that mohawk plays a role in

mechanoregulation. Partial transections of rat Achilles tendons repaired with scaffolds seeded with
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bone marrow-derived MSCs had increased expression of mohawk, Col I, tenascin C, and
tenomodulin, compared to defects repaired with a cell-free scaffold, suggesting that mohawk is
expressed in MSCs during repair [58]. Another in vivo injury model repaired full transections of adult
mouse Achilles tendon with cell sheets composed of mohawk overexpressing mouse MSCs [57].
After 4 weeks of healing, tendons repaired with mohawk-overexpressing cell sheets had collagen
fibrils with increased diameter and a visible crimp pattern, and increased stiffness, elastic modulus,
maximum force and stress, compared to repairs using cell sheets that contained wild type MSCs [57].
Overall, mohawk expression appeared to enhance tendon healing. As mohawk expression is
suppressed in human tendinopathy [117], interventions regulating mohawk expression may have

potential for preventing and treating tendon injuries.

GDF-5 has also been explored in tendon healing. GDF-5-null 8 week old mice with an
induced Achilles tendon injury lagged 5 to 9 days behind wild-type mice in attaining peak values for
normalized DNA, GAG, and hydroxyproline content [162]. Compared to wild-type controls, tendons
of GDF-5-null mice had increased collagen fibril disorganization and adipose cells, and reduced
collagen fibril area fraction and orientation [162]. However, despite the initial delay, at 12 weeks both
groups had similar structural properties, suggesting that other factors may be able to promote healing
in the absence of GDF-5 [162]. Redundancy and overlap in many signaling pathways are a persistent
challenge in understanding the biochemical factors in tendon injury, but GDF-5 may regulate early

tendon healing.

Decorin and biglycan, small leucine rich proteoglycans, have been implicated in the
mechanical properties and aging of tendon [163, 164], and have been investigated in the response to
injury. Biglycan-null and decorin-null mice were subjected to a full thickness, partial width patellar
tendon injury at P120 [165]. At 3- and 6-weeks post-injury, all injured tendons contained smaller
diameter collagen fibrils, compared to uninjured controls, but biglycan-null tendons had fewer of the
largest diameter fibrils. Furthermore, decorin-null and biglycan-null tendons had decreased cell
density, and altered cell shape and collagen alignment following injury [165]. Overall, this model
suggested that early healing is influenced by biglycan, while healing 6 weeks post-injury is impaired
in the absence of decorin. In a follow-up study, the same injury model was evaluated in P270 decorin-
null and biglycan-null mice to determine impacts of age on patellar tendon healing [166]. At 3 weeks
post-injury, tendon healing was delayed in both biglycan-null and decorin-null mice, compared to
wild-type control tendons that had a higher dynamic modulus [166]. These findings contrast with
injury at P120, where biglycan-null mice were deficient in healing at 3 weeks post-injury, while

decorin-null mice healed more poorly at 6 weeks post-injury [165]. Together, these models show that
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decorin and biglycan impact tendon healing differently depending on age, which highlights age as an

important consideration in injury models.

Models of Chronic Injury

The models discussed above have featured mainly acute injuries. Chronic tendon injuries are
challenging to develop in models due to the multitude of contributing and unknown factors and the
long timescales associated with pathologies. Nevertheless, chronic injury models have been
developed by altering mechanical loading or biochemical factors. An in vivo model used 10-week-old
scleraxis-GFP mice to compare the chronic loss and gradual return of mechanical loading through
botulinum toxin A (Botox), to an acute loss of mechanical loading (transection) [167]. At 3 days after
Achilles tendon transection, 70% fewer tendon cells remained in the injury site (cell death was mainly
via apoptosis), and scleraxis expression was irreversibly lost in most remaining cells [167]. However,
when tensile loading was reversibly lost (via Botox) and gradually restored, there was still apoptosis,
but a larger proportion of remaining tendon cells expressed scleraxis [167]. A TGFf1 receptor
inhibitor (SD208) prevented massive tendon cell death in transected tendons, suggesting loss of
tension by transection resulted in TGFp1 signaling that induced apoptosis. In the same study, when
Achilles tendon cells were isolated and cultured in vitro, scleraxis expression decreased, but fluid
flow-induced shear force restored scleraxis expression [167]. These in vivo and in vitro models

showed that both chronic and acute loss of loading impact scleraxis expression and cell viability.

Another animal model evaluated healing of chronic and acute rotator cuff injuries [168]. Rat
supraspinatus and infraspinatus tendons were transected and then surgically repaired after a delay of 8
or 16 weeks for the chronic case, or repaired immediately for the acute case. Compared to tendons
injured and repaired immediately, tendons repaired after 8 weeks showed reduced toughness, elastic
modulus, and stiffness when assessed at 4 weeks after reparative surgery [168]. Scar tissue formation
and tendon retraction made surgery difficult in the delayed repair cases. Rats were not immobilized
following injury, which may have led to larger tears and worse outcomes in the chronic injury groups

[168]. This model showed the direct impact of a chronic versus an acute injury.

TGEFp1 is found in injured tendon, and may initiate inflammation via the hypoxia-inducible
factor (HIF)1a pathway [169, 170]. Another chronic tendinopathy model was developed by injecting
human TGFp1 in adult mouse Achilles tendons [171]. This TGFB1-injection model of tendinopathy
also explored the role of glucose metabolism in tendon injury in both wild type and Adamts57/

(TS5KO) knockout mice [171]. The production of lactate from glucose breakdown during hypoxia or
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normoxia is implicated in chronic tendinopathy and may be a metabolic marker of tendon disease
[172]. TS5KO mice have reduced or absent osteoarthritis following surgical joint injuries, since they
lack the inflammatory aggrecanase ADAMTSS, and have a diminished response to inflammatory
mediators such as TGFB1. TGFBI injections in Achilles tendons in vivo and ex vivo upregulated
several HIF1a, angiogenesis, and glycolytic metabolism associated genes in wild-type mice, but not
in TS5KO mice. TGFp1 injections activated the Warburg pathway, which generates lactate from
glucose under normoxia rather than just hypoxia, inhibits mitochondrial energy production, and
contributes to tendinopathy [171]. Taken together, this model showed that TGFf1-induced glycolytic
reprogramming contributes to pathogenic responses in tendons. Therapies aimed at blocking this

metabolic shift may have clinical potential.

Computational models of tendon pathology

Computational models of tendon pathology have been used for assessing the causes, onset,
and progression of tendon damage at both the cell and bulk tissue levels. Computational models
provide insights that are otherwise difficult to obtain in an experimental setting, such as stress
distributions in tendon. To understand stress distributions associated with injury, 2D finite element
analysis (FEA) has been used [173, 174]. FEA was used to model stress concentrations in partial-
thickness defects in the rotator cuff, and highlighted the importance of limiting mechanical loading to
prevent worsening of partial tears [173]. Another 2D FEA model predicted locations of increased
strain and isolated tendon fascicle damage in “jumpers knee,” a common patellar tendon injury with
previously unknown etiology [174]. Evaluation of the model using cadaveric patella-patellar tendon-
tibia samples showed that the predicted loading conditions with the highest local strain induced
tendon fascicle disruption in 3 of the 5 samples, at the anatomical location of reported pain [174].
This FEA model was later used to assess infrapatellar straps, a device used to reduce patellar tendon
pain, and showed that strain was effectively decreased by the strap [175]. FEA models can be useful
in assessing forces on tendon, and evaluating invasive and non-invasive interventions, but impacts on

cell behavior cannot be easily integrated.

Injury alters the cellular, biochemical and mechanical characteristics of tendon. These
changes can be challenging to express mathematically, but several tendon injury models are based on
Hill equations, which are commonly used to model cellular responses, particularly secretion or
degradation of molecules or ligands [176, 177]. A three-component Hill-type equation model was

used to incorporate mechanical and strain-dependent proteolytic collagen fiber damage in a human
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Achilles-soleus tendon unit [178]. The model predicted that proteolytic damage would result in
collagen fiber shortening, while mechanical damage would result in overall fiber lengthening [178],
thus showing that collagen fiber damage and resulting length after healing is modulated differently in
overuse versus inflammation injuries. Predicting how collagen is altered by various damage and

repair mechanisms will help guide treatments and prevent re-injury during rehabilitation.

ECM and inflammatory protein secretion by tendon cells has been modeled using a modified
Hill equation [179]. Secretion profiles of IL-1, MMP-1, Col I, and ADAMTSS5 were predicted in
response to tensile strain magnitude. A low (4%) and high (10%) strain applied to the tendon model
both resulted in a damage response. A low tissue strain resulted in cell-level strain that was too low to
elicit a cell response (e.g., underloading), and at high tissue strain (e.g., overloading), the collagen
fibers ruptured and could no longer transfer localized strain to the cells, leading to ECM protein
secretion profiles similar to the low strain condition [179]. Therefore, both low and high intensity
loading increased inflammatory markers IL-1 and MMP-1, and decreased Col 1. Based on these
predicted cell expression profiles, quantitative thresholds for tendon mechanical under-stimulation
(e.g., underuse) or overstimulation (e.g., overuse) were developed (Figure 2.4). Predicting tendon cell

responses to various mechanical loads can guide therapies for promoting tendon homeostasis.
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Figure 2.4 Computational modeling of cell- and tissue-level secretion profiles for inflammatory mediators in
response to strain.

TGFp1 (a) and IL-1P (b) profiles were predicted by a Hill-equation model for individual cells, the elementary
cell response (ECR), and for cells in the whole tendon, tissue-level response (TLR). In the TLR, the secretion
profile is U-shaped, as both low and high strain lead to a simulated “unloading” response of the tissue. Low
tendon strain is “underuse” and high tendon strain leads to collagen fiber rupture and unloading of the cells.
Figure reprinted with permission by Springer-Verlag Berlin Heidelberg from Mehdizadeh et al 2017 1171,

A regression model was developed to assess the mechanical properties of developing and
healing Achilles tendons in mice with injuries induced at P7 or P21, and with 3 or 10 days of healing
[180]. Proteoglycans were found to predict tendon elastic modulus during early healing, but not
during later healing or during normal development (early or late) [180]. While multiple independent
parameters predicted stress relaxation during normal development, only biglycan and collagen fibril
diameter predicted the percent relaxation in the tendon during early healing [180]. Using regression
analysis, it may be possible to predict outcomes based on specific measurable factors. In a different
study, healing of a supraspinatus tendon injury with mechanical loading was evaluated using an

agent-based computational model. The model predicted that collagen content would increase steadily
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with increasing load, whereas collagen alignment would peak at an intermediate strain, and then
decline at higher strain [181]. Peak collagen alignment occurred at a slightly lower strain level than
peak collagen content. Notably, collagen deposition peaked after the damage threshold, suggesting
that sub-damage threshold loading may be used therapeutically to optimize both collagen deposition
and alignment. Tendon mechanical function after injury is largely determined by its underlying
collagen structure, which may depend on the degree of mechanical loading experienced during
healing, therefore understanding strain magnitude-dependent mechanisms of collagen remodeling is

needed for developing therapies [181].

Various animal models of Achilles tendon healing have produced conflicting results, possibly
due to differences in mechanical loading during healing. A multiscale computational model of rat
Achilles tendon healing was developed to address this experimental variability and incorporate the
loading environment to study impacts on cell behavior, collagen deposition, and scar formation [182].
The model generated a single set of cellular response curves that were able to explain observations of
tendon behavior in several experimental studies with otherwise differing results [182]. The model
successfully predicted cell-level behaviors from tissue-level strains, highlighting disparities in strains
between cells and bulk tissues as a factor contributing to contradictory experimental results, and

offering the possibility of reconciling these variances.

Empirical models have been developed to assess the progression of mechanical damage with
injury and aging [183, 184]. In these models, damaged tendons are considered to be experiencing a
lower strain than what is actually applied [183]. Based on this concept, mouse patellar tendons were
evaluated as a function of age at P150, P300, and P570, and compared to P120 patellar tendons at 3-
and 6-weeks after a full thickness, partial width injury [184]. Tendons were mechanically evaluated
with a 10-cycle frequency sweep of 0.125% amplitude sinusoidal strain at frequencies of 0.01, 0.1, 1,
5, and 10 Hz superimposed onto a baseline offset strain (4, 6, or 8%). The equilibrium stress, dynamic
modulus, and loss tangent were measured at each frequency and strain level, and an empirical model
was used to develop a single damage parameter for each tendon group. The damage parameter was
able to predict dynamic modulus and loss tangent for each tendon across frequency (0.01-10 Hz) and
strain (4-8%). This model showed that the effects of aging and injury on patellar tendon mechanical
properties could be described by the same damage model [184]. A similar strain-based empirical
damage model was developed to examine impacts of decorin and biglycan knockout on Achilles
tendons of P150, P300, and P570 mice [185]. The empirical damage model predicted the changes in

dynamic modulus that resulted from the null phenotypes, and identified a correlation between
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measured and predicted dynamic modulus based on genotypes and ages [185]. Overall, these models

are useful tools for understanding and predicting tendon mechanics with age, genotype, and injury.

Alongside their considerable potential for providing insight into tendon injury and healing,
computational models have inherent limitations. Most simplify multiple parameters of tendon
responses to load and damage. Baseline values for tendon material properties, such as elastic
modulus, are obtained from previous studies, but elastic modulus varies based on tendon and species
[186]. Finally, as not all proteins involved in injury and healing are known, all models necessarily
exclude some cellular responses to tendon injury. Nevertheless, computational models are proving
useful as research tools and predictors of tendon responses to many physiological conditions. They
will undoubtedly improve further as experimental studies continue to uncover mechanisms that

regulate tendon development, injury and healing.

Conclusions and Future Directions

The high cell density, low collagen content, growth factors, and mechanical environment of
embryonic tendon development have been incorporated into engineered model systems. Embryonic
tendon becomes mechanically stronger, but differentiation and tissue formation continue postnatally,
before maturation into adult tendon. Assessing the changes that postnatal tendons undergo through in
vitro models remains an ongoing challenge. Furthermore, many biochemical and mechanical cues
inevitably originate from surrounding tissues. The impacts of concurrent adjacent tissue formation
(muscle and bone) on tenogenesis need to be explored, as simulating these tissues in vitro may
facilitate more realistic tendon models. Few multi-tissue developmental models exist, but one study
showed that 3D in vitro skeletal muscle-tendon constructs developed ultrastructural characteristics
resembling in vivo muscle-tendon interfaces, when skeletal muscle constructs where co-cultured with
self-organizing tendon constructs and explanted fetal rat tail tendon [187]. Such constructs can be
supplemented with biochemical or mechanical factors to better mimic the developmental process.
Furthermore, examining development of the musculoskeletal system as a whole will aid in
understanding how tendon formation is regulated in coordination with adjacent tissues including

muscle and bone.

An additional challenge with developmental models is that recreating the spatiotemporal
sequence of embryonic or postnatal biochemical signaling alone may be inadequate for developing
functional tissue [188]. Several models examine specific tenogenic factors in isolation, an

understandable limitation given the complexity of tendon development. Future models will need to
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assess the interplay between cell-level cues, mechanical loading, development of mechanical

properties, and the biochemical factors involved in tendon formation.

In vivo, in vitro, ex vivo, and computational models have explored the impacts of mechanical
loading and various biochemical factors on adult tendon injuries and healing. Few models have
investigated human derived cells or isolated human tissues, mainly due to the understandable
challenge of procuring tissues and working with human subjects. Recent studies in other tissue
systems have developed humanized models (e.g. decellularized animal tissues seeded with human
cells or humanized animal models) [189, 190], but this has not been as well explored in tendon.
Advancing models of chronic tendon injuries are needed for exploring the factors that regulate tendon
pathologies in human tissues and cells. Taken together, the developmental and injury models
reviewed here have greatly improved our understanding of the numerous cellular, biochemical and
mechanical factors that regulate tendon formation and health. Tendon models will ultimately improve
clinical outcomes by offering novel insights into the mechanisms of how tendons develop and how

they respond to injury and treatment.
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Chapter 3: Cell-Cell Junctions in Developing and Adult Tendons

Theodossiou SK, Murray, JB, Schiele NR. Cell-Cell Junctions in Developing and Adult Tendon.
Tissue Barriers 2019: 1695491.

Abstract

Tendons connect muscles to bones to transfer the forces necessary for movement. Cell-cell
junction proteins, cadherins and connexins, may play a role in tendon development and injury. In this
review, we begin by highlighting current understanding of how cell-cell junctions may regulate
embryonic tendon development and differentiation. We then examine cell-cell junctions in postnatal
tendon, before summarizing the role of cadherins and connexins in adult tendons. More information
exists regarding the role of cell-cell junctions in the formation and homeostasis of other
musculoskeletal tissues, namely cartilage and bone. Therefore, to inform future tendon studies, we
include a brief survey of cadherins and connexins in chondrogenesis and osteogenesis, and
summarize how cell-cell junctions are involved in some musculoskeletal tissue pathologies. An
enhanced understanding of how cell-cell junctions participate in tendon development, maintenance,

and disease will benefit future regenerative strategies.

Introduction

Tendons are musculoskeletal tissues that transfer mechanical forces from muscles to bones
and are vital for skeletal movement. A major clinical challenge is the limited healing ability of
tendon. If ruptured, tendon healing is characterized by the formation of scar tissue [26, 191] and
inferior mechanical properties, compared to uninjured tissues [3]. Even with surgical repair, re-
rupture rates range from 3.6% to 94% depending on the tendon, size of the tear, age and other factors
[192-194]. In addition, tendon injury rates are climbing, with a 10-fold increase in the incidence of
Achilles tendon ruptures from 1979 to 2011 [14]. The limitations of existing treatment options
emphasize the need for tissue engineering and regenerative strategies to improve tendon healing and

repair.

Regenerative tissue engineering approaches are challenged by a limited understanding of how
tendon cells respond to mechanical and biochemical signals to enable initial tenogenic differentiation
during embryonic development, and the formation and maintenance of tendon’s highly organized
extracellular matrix (ECM) [195]. The ECM in tendon is composed primarily of collagen type (Col) I
that accounts for nearly 65-80% of the dry mass [196]. The collagen plays a critical role in
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transmitting tensile forces and is hierarchically arranged, with collagen fibrils (nm scale) bundled into
collagen fibers and fascicles (mm scale) [196]. In the adult tendon, tendon cells reside within the
fascicles and interfascicular membranes, and these resident cells are thought to play a role in
maintaining the collagen matrix [112] and the tendon length by cell-mediated contraction [146].
Though mature tendon is typically considered to have a relatively sparse distribution of cells, tendon

cells are known to possess direct cell-to-cell connections [197].

Developing embryonic and postnatal tendons are characterized by a dense cell network [37,
198] with adjacent cells in direct contact [36]. These direct cell-to-cell adhesions in tendon cells occur
through cadherins and gap junctions. For tendon, cadherins may be particularly relevant, as they are
known mechanotransducers [199], and mechanical stimuli impact many aspects of tendon formation,
injury, and homeostasis [4, 5, 9, 84, 91, 93-95, 106, 200-203]. This review examines the cadherins
and gap junctions identified in developing and mature tendon, and discusses what role these cell-cell
junction proteins might be playing in the formation, maintenance, and mechanoregulation of tendon.
Like tendon, cartilage and bone are musculoskeletal tissues of mesenchymal lineage, but the cell-cell
junctions in these tissues have been more extensively studied. Therefore, to inform future tendon
studies, we also include a brief review of cadherins and gap junctions in chondrogenesis and
osteogenesis, and in some musculoskeletal tissue pathologies. Understanding the specific role of cell-
cell junctions in tendon cells and their impacts on cellular responses may ultimately advance

strategies to prevent tendon injury and improve regenerative medicine and tissue engineering.

Cell-Cell Junctions in Developing Tendon

Embryonic tendon arises from a condensation of mesenchymal cells that are tightly packed
and are in direct cell-to-cell contact [36]. These embryonic tendon cells are distinguishable from other
musculoskeletal cells of mesenchymal lineage (e.g., cartilage and bone cells) by their expression of
scleraxis [28], mohawk [34], and tenomodulin [32]. The transcription factor scleraxis is a regulator
and early marker of tenogenesis [28-31], as is the transcription factor mohawk [34]. Scleraxis
regulates tenomodulin, a late stage tendon marker [32, 33]. Tendon cells constitute a significant
portion of the embryonic tendon structure [40]. The amount of DNA (as a measure of cell density)
present in the calcaneus tendons of embryonic chickens from Hamburger-Hamilton stages (HH) 28 to
43 (e.g., embryonic day (E) 5.5 to 18) accounted for between 3 and 9% of the tendon dry mass,
whereas hydroxyproline (a measure of collagen) accounted for less than 5% of the dry mass at HH43

[40].
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The organization of embryonic tendon cells appears unique, with highly ordered cells tightly
packed and aligned to the long-axis of the tendon, as observed in E13 chick metatarsal tendon, and
E15.5 mouse tail tendon [42]. A different study found that cells in chick calcaneal tendon from HH34
to HH37 possessed a highly aligned and well-organized actin cytoskeleton network, with actin
filaments that appeared continuous between cells (Figure 3.1 A) [37]. When the actin cytoskeleton of
the embryonic tendon cells was disrupted with blebbistatin, a small molecule inhibitor of non-muscle
myosin contraction, the elastic modulus of the tendon decreased significantly, suggesting that the
cells contribute to the embryonic tendon mechanical properties [37]. Overall, embryonic tendon is
highly cellular, with a well-organized and apparently interconnected network of cells. While inherent
differences between avian and mammalian tendon development may exist, embryonic tendons across
species as diverse as chick, mouse, and horse appear to share the characteristics of high cellularity,
alignment and direct cell-cell contact [42, 204]. Given this high cellularity and cell alignment, cell-
cell junction proteins are likely candidates as regulators of embryonic tendon cell organization.
Therefore, we discuss the cell-cell junction proteins (mainly cadherins and connexins) that have been

identified in developing tendons and explore their potential roles in tendon development.

Actin Cadherin-11 N-cadherin

Figure 3.1 Embryonic tendons possess an organized actin cytoskeleton network, as well as cadherin-11 and
N-cadherin cell-cell junctions.

(A) The high cell density and an organized actin cytoskeleton network is visible in the midsubstance of E11
chick calcaneal tendons. Actin filaments (green) in embryonic tendon appear to form a continuous network
between adjacent cells. (B) Cadherin-11 (red) and (C) N-cadherin (red) are present in E13 chick metatarsal
tendons, but N-cadherin is localized to the exterior of the midsubstance of the tendon, while cadherin-11
appears in the interior of the midsubstance. Cell nuclei are labeled with blue. Figure 3.1 A used with
publisher’s permission from Schiele et al 2015 B7), Scale bar =10 um. Figure 3.1 B and 3.1 C adapted with
publisher’s permission from Richardson et al 2007 (421,
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Cadherins in Embryonic Tendon

To identify possible cell-cell junction proteins, a gene microarray analysis of E13 chick
metatarsal tendon was conducted [42]. Gene expression for cadherin-11, N-cadherin, R-cadherin, and
connexin-32 and -43 was identified, but expression levels were highest for cadherin-11 [42]. The
presence of cadherin-11 in embryonic tendon was also found using RT-PCR and immunofluorescence
staining. Specifically, cadherin-11 was present in the fascicles and in the interfascicular space (Figure
3.1 B), as well as in the cell-cell contacts made by the embryonic tendon cells that had been isolated
and cultured in vitro [42]. N-cadherin was also found by immunofluorescence, but appeared to be
produced mainly by tendon cells on the tendon surface and not in the mid-substance of the tendon
(Figure 3.1 C) [42]. When cadherin-11 expression was knocked down using siRNA, the embryonic
tendon cells appeared to have disrupted cell-cell contacts and collagen fibril organization [42]. This
study suggests that cadherin-11 may regulate tendon cell condensation and may even play a role in
alignment of collagen fibrils. Cadherin-11 may also contribute to limb patterning, since cadherin-11
expression was shown by in situ hybridization to be restricted to the distal, but not proximal, regions
of developing mouse limbs at E9.5 and E13.5 [205]. This same study demonstrated that mouse
embryonic fibroblasts transfected with cadherin-11 cDNA adhered to other cadherin-11-transfected
cells, but did not co-aggregate with cells transfected to express N-, E-, P-, or R-cadherin [205]. The
proximal or distal restriction of cadherin expression and the timing of expression of multiple

cadherins relative to cell condensation may ensure correct tissue patterning during development.

N-cadherin is a regulator of cell adhesion and connective tissue morphogenesis that has also
been explored in patterning of the musculoskeletal tissues in the limbs. N-cadherin-null mice do not
survive in utero unless rescued with transgenic expression of a cardiac cadherin [206]. While non-
rescued N-cadherin-null mice survive to form forelimb buds at E9.5, they are not viable by E11-E12
due to cardiac malformations, and further limb development cannot be assessed [206]. To address this
limitation, a follow-up study cultured forelimbs from rescued E10.5 N-cadherin-null mice ex vivo for
7 days (d), and found that the limbs developed and did not differ significantly from wild-type
forelimbs in overall morphology, size, and cellular condensation of chondrogenic precursors [207].
Although N-cadherin expression was absent in the mutant limbs, expression of cadherin-11 was not
affected, indicating that cadherin-11 and other cadherins may drive limb development in the absence

of N-cadherin [207].

The cardiac, neural, and connective tissue malformations in N-cadherin-null mice are likely
due to the role of N-cadherin in cell adhesion. Cell adhesion is necessary for patterning in early

development, and is controlled upstream of the cadherins by T-box transcription factors [208]. In
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mouse E16.5 forelimbs with deletion of the T-box transcription factor (Tbx)5, and E15.5 hindlimbs
with deletion of Tbx4, muscle patterning was disrupted, and ectopic splitting of muscles of the
zeugopod, the region of the developing limb encompassing the forearm but excluding the digits, was
observed [208]. In the forearms of E15.5 Scleraxis-Green Fluorescent Protein (Scx-GFP)-expressing
mice, Tbx5 deletion led to changes in tendon morphology. Specifically, there were fewer tendon
fibers present, fibers were thinner than normal, and some fibers had fused with each other [208].
Despite the changes observed in the tendons, the muscles still made myotendinous attachments, and
tendons developed entheses (tendon-to-bone attachments) on the forming skeleton, indicating that
crosstalk between the developing muscles, bones and tendons was still intact [208]. The same study
also found that N-cadherin expression was significantly lower in Tbx5 null mice [208], as was
expression of B-catenin, a protein that couples with cadherins to facilitate cytoplasmic anchoring to
the actin cytoskeleton and participates in both cell adhesion and signaling via the wingless/integrated
(Wnt)/B-catenin pathway [209]. Although N-cadherin and pB-catenin expression was reduced,
expression of cadherin-11 and Tcf4, a downstream Wnt target, were unaffected, suggesting that Tbx5
deletion specifically affects N-cadherin and B-catenin, but does not globally disrupt cadherins or Wnt
signaling [208]. These findings suggest that N-cadherin and regulation by Tbx5 are necessary for
early embryonic tendon development and patterning, but more research is needed to understand how
N-cadherin is participating in early tendon formation. In a different study, differentiation of dermal
fibroblasts toward a myofibroblast phenotype was characterized by a transition from N-cadherin to
cadherin-11 expression [210]. This process may occur when stronger bonds are needed between cells,
as cadherin-11 bonds were found to have twice the strength as N-cadherin bonds [211]. Therefore, it
is possible that tenogenically differentiating embryonic tendon cells express specific cadherins that
have different bond strengths during specific developmental stages, though this will need further
study. Taken together, both N-cadherin and cadherin-11 are found in embryonic tendons and appear
to be involved in cell condensation and early tissue formation and patterning. A deeper understanding
of how these cadherins contribute to tenogenic differentiation and ultimately functional tendon

formation will be immensely valuable.

Other cadherins may also be regulating tendon development. The protocadherin Fat-1 is
expressed in tissues of mesenchymal origin during early embryonic development [45]. Fat-1 controls
cell proliferation during early musculoskeletal tissue development and cell condensation [212], and
has been shown to regulate both transforming growth factor beta (TGFf) [213] and Wnt/B-catenin
signaling [214]. Genetic ablation and in situ hybridization in E12.5 mice showed Fat-1 is required in
mesenchyme-derived connective tissue formation [212]. Conditional Fat-1 knockouts displayed

abnormal morphology of the cutaneous maximus muscle and innervating motor neurons [212].
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Muscle formation is needed for subsequent tendon development [11], but Fat-1 expression persisted
in Pax3 “°/*“knockout mice, which lack skeletal muscle cells, suggesting that Fat-1 expression may
be driven by mesenchymal or connective tissue cells, rather than muscle cells [212]. Effects of Fat-1
disruption were further shown to vary by cell and tissue type: extensive muscle-shape patterning
defects resulting from Fat-1 ablation were seen in mouse mesenchymal cells, but not motor neuron
cells [212]. In situ hybridization showed overlapping Fat-1 and scleraxis expression, and Fat-1 was
required for the developing connective tissue precursors to interact with the cutaneous maximus
muscle progenitors that were concurrently forming [212]. As tendon progenitors arise from
embryonic mesenchyme [215], correct patterning of the mesenchyme and the contribution of Fat-1 to
this patterning may be important for tendon development. Furthermore, the reciprocal signals
exchanged between different progenitor populations (muscle, tendon, cartilage, bone) during limb
patterning are essential for the correct development of the limb and associated connective tissues.
Several distinct subtypes of connective tissue are derived from progenitors influenced by Fat-1
expression, including tendons, making Fat-1 a useful target for further research in tendon

development.

Fat-1 expression may also contribute to proximodistal orientation during limb patterning. In
E9.5-E13.5 mouse limb buds, proximal restriction of Fat-1, coupled with distal expression of
cadherin-11, may ensure correct patterning by regionally inhibiting Wnt signaling [205]. In HH16-
HH24 chick forelimb buds, whole mount in situ hybridization showed that Fat-1 expression was
restricted to tendon primordia of proximal regions, but expression extended to the proximal and
intermediate regions of the forelimb at HH27, and was detectable in mesenchymal cells between the
developing digits at HH28 [216]. In contrast, hindlimbs had extended stretches of expression into the
interdigit mesenchyme at HH27. Fat-1 was expressed diffusely in regions of developing tendon cells,
but only proximally in developing chondrocytes, suggesting that expression of Fat-1 may be grouping
specific cells together to form and maintain digit patterning and distinct musculoskeletal connective

tissues [216].

A few potential regulators of cadherins during differentiation have emerged. Decorin, a
proteoglycan involved in cell signaling [217], collagen fibrillogenesis [218], and aging of tendon
[166], may be important for the cell aggregation phase of musculoskeletal tissue development, before
various cell precursors have differentiated into tendon, muscle, cartilage, or bone. Micromass cultures
of limb mesodermal cell precursors from HH25 chicks showed significant upregulation of Sox9 and
cadherin-11, but no changes in scleraxis expression when cells were treated with human decorin for 1

d, and gene expression was analyzed at 2 d [219]. Cadherin-4, -7, and -13, and N-cadherin, were
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unaffected. Interestingly, there was no upregulation of Sox9, cadherin-11, and scleraxis when decorin
was added after 4 d of culture and gene expression analyzed at 5 d [219]. While Sox9 is considered a
chondrogenic marker, it promotes the common cell aggregation step necessary for the
cartilage/tendon/ligament specification that takes place in early embryonic development [220]. In this
case, the upregulation of Sox9 may be due to decorin influencing the cell aggregation and
condensation step that precedes differentiation [219]. The same study showed via in sifu hybridization
of whole limb mounts from HH20-31 chicks that the expression patterns for decorin, cadherin-11, and
TGFP2 overlapped at HH30 in the joint and tendon blastemas of the embryonic digits [219]. Addition
of TGFP2 to HH22 limb bud explants upregulated decorin, but increased decorin expression was lost
when TGFf2 signaling was blocked using the Smad2 inhibitor SB431542 [219]. Finally, in decorin-
silenced mesenchymal cells, expression of Sox9 was significantly decreased, and expression of
scleraxis was significantly increased, compared to control cells with functional decorin, though
cadherin-11 expression was not examined [219]. Collectively, these results highlight overlapping
expression of cadherin-11, TGFB2, and decorin during differentiation of musculoskeletal tissues. The
increase in decorin expression seen with the addition of TGFB2 suggests that decorin and cadherin-11
are downstream targets of TGFP2 signaling. Lack of decorin may lead to tendon pathologies via
cadherin reduction. Decreased decorin expression has been proposed as a cause of abnormal collagen
formation and tendon hypoplasia in mohawk-null mice [34]. The observed disruptions of the collagen
matrix and gross morphology may be due to disruption of cadherin-11-mediated cell aggregation
driven by the decorin deficiency. More research is needed to understand how decorin responds to
TGFp2 signaling and mediates expression of cadherin-11 and, potentially, other cadherins in

developing tendons.

The cytoplasmic anchor of the cadherins, B-catenin, may also be involved in tendon
development. B-catenin facilitates the formation of cell-cell junctions by modulating actin
cytoskeleton-cadherin coupling through association with a-catenin and vinculin [221, 222]. B-catenin
was found to be necessary for this process, as the a-catenin/vinculin complex is only capable of
binding the actin cytoskeleton directly, and thus requires B-catenin to form linkages with cellular
cadherins and the actin cytoskeleton [221]. B-catenin regulates cell growth through the Wnt pathway,
and is constitutively expressed in the cytosol, where it is regulated via Axin, casein kinase (Ck)1, and
glycogen synthase kinase (GSK)3[ [223, 224]. In E13 chick metatarsal tendon, relatively high levels
of B-catenin gene expression were identified by microarray analysis, along with cadherin-11 [42]. B-
catenin upregulation was observed in tendon cells adjacent to a 14-gauge needle puncture injury in
the Achilles tendon of 6-week old rats [225]. Interestingly, tendon cells had decreased gene

expression for scleraxis, mohawk, and tenomodulin when Wnt/B-catenin signaling was chemically
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activated during in vitro cell culture [225]. The same study found that activation of Wnt/B-catenin
signaling decreased cellular levels of Smad2 and 3, and that Wnt/B-catenin activation suppressed
tenogenic genes [225]. However, in a different study, equine bone marrow-derived mesenchymal
stem cells (MSCs) encapsulated in collagen gels in vitro upregulated tenomodulin and decorin gene
expression with f-catenin activation [226]. Taken together, -catenin interacts with cadherins and
regulates cell behavior, and may be both pro- and anti-tenogenic, depending on specific culture
conditions or cell phenotypes. Future studies are needed to investigate how pB-catenin may be
regulating cadherins in tendon and how [-catenin impacts tenogenic differentiation and tendon

formation.

Connexins in Embryonic Tendon

In addition to cadherins, gap junction proteins (connexins) are expressed in embryonic tendon
[42]. The involvement of connexin-43 and another gap junction protein, connexin-32, in the
differentiation of multiple stem cell lineages, and particularly in bone development and homeostasis,
has been highlighted in recent reviews [227, 228]. Connexin-32 and -43 have been found in murine
[197], rat [229], avian [42, 230], equine [204], and ovine tendons [231]. However, there is limited
information on the role of connexins in tendon development. While both connexin-32 and -43 are
expressed in tendon, their localization is different. In adult rat digital flexor tendons, connexin-43 has
been found in the tips of cell processes and between cell bodies, while connexin-32 appears to be
confined between the bodies of adjacent cells [197]. Though the functional significance of this
pattern is not fully understood, it is possible that connexin-32 and connexin-43 enable a differential
response to mechanical loading [230]. As embryonic tendon responds to mechanical stimuli [9], gap
junction-mediated mechanotransduction may be involved, but the effects of blocking this

communication during embryonic development have not been explored.

To further elucidate the role of gap junctions in developing tendons, connexin-32 and -43
expression during development has been examined by several studies. Using immunofluorescence
staining, one study identified connexin-32 and -43 in the superficial digital flexor tendon (SDFT) and
common digital extensor tendon (CDET) of fetal and mature horses [204]. Expression of connexin-32
and -43 peaked in developing tendons, and decreased in the first 6 months of life. Fetal tendons had
significantly larger areas of labeled connexin-32 and -43, compared to tendons from young (1-6
months), young adult (2-7 years), and old (18-33 years) horses (Figure 3.2). There were no
differences in expression of either connexin between the SDFT and CDET at any age [204]. While
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both connexins were present throughout development, their patterns of expression and localization
differed between ages, with more widely distributed expression and overall larger expression areas

observed in fetal tendons compared to all older stages [204].

Connexin-32 Connexin-43

A  Foetal CDET Foetal SDFT B Foetal CDET Foetal SDFT
. . i 5
old CDET Old SDFT Old CDET Old SDFT

Figure 3.2 Longitudinal cryosections from equine CDET and SDFT tendons labeled for connexin-32 and
connexin-43.

(A) Connexin-32 (green) labeled in tendons from fetal, foal, and mature horses. (B) Connexin-43 (green)
labeled in tendons from fetal, foal, and mature horses. Cell nuclei are labeled with red. Scale bar = 80 um.
Figure used with publisher’s permission from Stanley et al 2007 [2%4],

Another study examined the expression of connexin-32 and -43 during ovine tendon
development. Ovine calcaneal tendons at two different fetal stages (mid-gestation and late gestation,
when the tendons were 14 cm and 40 cm long, respectively) had a more developed endotenon, as well
as differences in cell shape [231]. Cells from mid-fetal tendons had a rounded morphology, which

became fusiform and regionally aligned in late-gestation cells. Adult cells were elongated and
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displayed a parallel arrangement along the longitudinal axis of the tendon [231]. Only cells from mid-
fetal stage tendons expressed regenerative growth factors and pluripotent stem cell markers [231].
Cellularity was higher in mid-fetal tendons compared to both late-fetal and adult tendons, with
increased cell proliferation compared to the two later stages. Connexin-32 and -43 were produced at
similar levels during both fetal stages, but decreased significantly in adult tendons. Gene expression
revealed significant decreases in Col I, Col IlI, scleraxis, tenomodulin, thrombospondin 4,
osteocalcin, and TGFB1 between the mid-fetal tendon cells and both the late fetal and adult tendon
cells [231]. Taken together, these results highlight a progressive and rapid decrease of tendon marker
gene expression throughout development, and show that this decrease begins in utero in an ovine
model. The decreased production of connexins is noteworthy, since gap junction communication may
be needed during development to coordinate the response to mechanical load and other stimuli
driving tendon formation. The decrease in connexins with age may reflect a reduced ability to
regenerate adult tendon, as embryonic tendon is known to heal scarlessly [191]. Embryonic tendon
expresses both connexin-32 and -43, and this expression rapidly decreases following birth. However,
it is unknown if changes in connexin expression are consistent across species or tendons (e.g.,
calcaneus vs digital flexor). It is also unknown how these gap junctions may be regulating tenogenic

differentiation.

Connexin-43 expression was found to overlap with growth/differentiation factor (GDF)-5
expression during embryonic mouse limb development [232]. GDF-5 and connexin-43 expression
were localized to the condensing digit and long bones of the hindlimb at E12.5, the perichondral
regions of the forelimb at E13.5, and to the elbow and hip joint surrounding the femoral head from
E12.5 to E14.5[232]. Colocalized expression of GDF-5 and connexin-43 was also detected in
tendons of the hip at E14.5, and around the tendons of each toe at E15.5, indicating that GDF-5 and
connexin-43 are both present in embryonic tendon [232]. Together these results highlight that
connexin-32 and -43 gap junction proteins are present in embryonic tendon. However, the specific
contributions of connexins to embryonic tendon development remain unknown, and future studies

correlating connexin expression with functional cellular communication and tenogenesis are needed.

Cell-Cell Junctions in Postnatal Tendon
In the developing mouse, early postnatal tendon appears to resemble embryonic tendon
structure, with high cell density and low collagen content [198]. For example, the Achilles tendon of
a mouse at postnatal day (P)4 contains less than 3% collagen and by P28 is still only 36% collagen

[39]. In an ovine model, tendon cells accounted for 33.4% of the digital flexor tendon volume after 1
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week of development, whereas at 40 weeks tendon cells accounted for less than 6% of the volume
[38]. This high cell density in postnatal tendon suggests that the tendon cells have the potential to
maintain direct cell-to-cell connections. Postnatally, mechanical forces significantly increase from the
development of weight-bearing locomotor behavior [233], as do tendon mechanical properties and
tenogenesis. Gene expression for scleraxis and tenomodulin was found to peak at P7 in the Achilles
tendons of mice, when compared to P1 or later ages [86]. However, relationships between postnatal
tendon formation and cell-cell junction proteins have not been extensively investigated. One study
conducted a proteomic analysis of P1 mouse tendon cells from the flexor digitorum longus to
determine the proteins in the pericellular regions. Potential cell-cell junction proteins were identified
and include Fat-4, protocadherin-15, cadherin-13, and catenin alpha-1, a protein involved in linking
cadherins to the actin cytoskeleton [234]. Additional studies are needed to understand how these

proteins change throughout development and contribute to postnatal tendon formation.

Though few studies have examined cell-cell junctions in the early postnatal stages, connexins
have been shown to decrease postnatally in horses. As described above, connexin-32 and -43 were
significantly reduced from the fetal to the postnatal (1 to 6 months) stage in horse SDFT and CDET
tendons, though these gap junctions were still present at all ages [204]. However, the reduction in
connexin-32 and -43 from the fetal to the postnatal (e.g., foal) stage is noteworthy, since tendon
development continues after birth and is exposed to increasing mechanical stimuli from the onset of

weight-bearing locomotion.

Taken together, tendon cells express gap junction proteins and a range of cadherins during
embryonic and postnatal development (Table 1), but more work is needed to identify their specific
contributions to tendon formation. Further studies are also needed to identify novel cell-cell junction
proteins that may be participating in tendon development, and to elucidate their tenogenic influence.
Looking to other developing musculoskeletal tissues may provide potential proteins to explore.
However, tendons have so far been found to lack pannexins, the large transmembrane channels that
link the cytosol and extracellular matrix, even though they are present in bone and cartilage cells
[228]. Based on the overlapping expression of cell-cell junction proteins and various growth factors
[219, 232], and the apparent redundancy of signaling pathways previously thought to be necessary for
limb development [206], other proteins may be participating in tendon development, and

characterizing them will provide new targets for treating tendon injury and disease.



Table 3.1 Cell-cell junctions in developing tendon

Cell-Cell Junction Type

Possible Functions In

Developing Tendon

References

Cadherins

Cellular condensation,

Hasson 2010 (2%81
Luo 2005 (2071
Luo 2001 (2061

N-cadherin cell adhesion, limb
] Richardson
patterning 2007
Unknown role in
embryonic tendon, but Kimura 1995 2%
R-cadherin expression identified in Richardson
E13 chick metatarsal 2007 44
tendon
Unknown role in
embryonic tendon, but
Cadherin-4 expression identified in Lorda-Diez 2014 "]

mesodermal cell
precursors in chick at

HH25

19



Cadherin-7

Unknown role in
embryonic tendon, but
required for cell
condensation and
migration in chick limb

mesenchymal cells

Kim 2009 2¢7]

Cadherin-11

Cellular condensation,
distinction of cartilage
and tendon precursors,
limb patterning,
collagen fibril

alignment

Kimura 1995 (2%
Richardson

2007 42!

Cadherin-13

Unknown role, but
1dentified in tendon

cells at P1

Smith 2012 234

Protocadherin-15

Unknown role, but
1dentified in tendon

cells at P1

Smith 2012 234

Fat-1

Cell proliferation,
patterning of muscle
and tendon precursors,

overlapping expression

Helmbacher
2018 212
Smith 2007 2]

29



limb patterning.

domain with scleraxis,

Fat-4

Unknown role, but
1dentified in tendon

cells at P1

Smith 2012 234

Connexins

Connexin-32

Mechanotransduction,
stimulation of collagen

production

McNeilly 1996 7]

Russo 2015 (%1
Stanley 2007 2%
Wagget 2006 2]

Connexin-43

Mechanotransduction,
inhibition of collagen
production, separation
of cartilage and tendon
precursors, cell

condensation, tissue

patterning

Coleman 2003a %%
Coleman 2003b #77]
McNeilly 1996 1197
Russo 2015 (%1
Stanley 2007 2%
Wagget 2006 2]

Tight Junctions

Z0-1 and Claudin-1

Epithelium surrounding
tendons - containment
of tendon cells within
tendon and prevention

of tendinopathic

adhesions

Taylor 2011 2%

€9
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Cell-Cell Junctions in Adult Tendons
While not as abundant as embryonic tendon cells, adult tendon cells are found within the
tendon fascicles and interfascicular membranes. Adult tendon cells respond to mechanical and
biochemical stimuli, and may play a role in tendon homeostasis [112, 146]. Various signaling
mechanisms beyond cell-cell junctions may be involved, and these have been summarized in a recent
book chapter [235]. Here, we examine the current understanding of cell-cell junction proteins in adult

tendon (Table 2), with an emphasis on the response to mechanical load.



Table 3.2 Cell-cell junctions in adult tendon

Cell-Cell Junction Type

Possible Functions In

Adult Tendon

References

N-cadherin

Cadherins

Response to mechanical
load and growth factors,

coupling with a-catenin

Barry 2014 !
Desai 2013 2
Keller 2011 2371

Ralphs 2002 12*

Cadherin-11

Unknown role in adult
tendon, but associated
with strong cell
adhesions in

myofibroblasts

Pittet 2008 2'1]

Connexins Connexin-26

Mechanotransduction;
other functions

unknown

Maeda 2012 241

S9



Connexin-32

Mechanotransduction,
stimulation of collagen
production; other

functions unknown

Maeda 2012 41
Ralphs 1998 1%

Wagget 2006 2]

Connexin-43

Intercellular
communication,
movement of small
molecules between cells
in response to strain,
coupling with actin
cytoskeleton to facilitate
mechanotransduction,
tissue maintenance,
suppression of collagen
production,
downregulation of IL-
1B during inflammatory

response

Banes 1999 (24!
Maeda 2012 **!
Maeda 2015 24
Maeda 2017a 1*]
Maeda 2017b 244
Ralphs 1998 1%
Wagget 2006 2]

Wall 2007 !

Tight Junctions

Z0-1 and Claudin-1

Membrane surrounding
tendon; adhesions form

following disruption of

Taylor 2011 2%

99



these junctions after

tendon injury

L9
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Cadherins in Adult Tendon

Only a few studies have investigated the presence of cadherins in adult tendon cells.
Immunofluorescence staining showed that digital flexor tendons from adult chickens possess N-
cadherin in vivo [236]. N-cadherin appeared to mirror the distribution of actin filaments and vinculin,
which form parallel rows along the tendon long axis. In the same study, isolated adult tendon cells
grown in culture produced N-cadherin, as observed by immunofluorescence and western blotting.
When cells were cyclically strained (75 millistrain, 1 Hz, 8 h/d for 4 d), N-cadherin protein levels
increased significantly compared to static controls [236], suggesting that mechanical stimulation may
impact the cell-cell adhesions in tendon cells. However, how cadherins may regulate or impact the

tendon cell response to loading is unknown.

N-cadherin in adult tendon cells responds to growth factor treatment. Tendon cells isolated
from the Achilles tendons of young adult (10-week-old) rats and treated with 1, 10, and 1000 ng/mL
GDF-5 for 4 d had significant decreases in N-cadherin gene expression at all GDF-5 concentrations,
compared to untreated controls [237]. However, when treated with 100 ng/mL of GDF-5 over 12 d,
N-cadherin gene expression was increased at 3, 6, and 9 d compared to untreated controls, though at
12 d gene expression levels were similar to controls [237]. GDF-5 is known to impact tendon
formation [238] and healing [162], but N-cadherin has been shown to decrease during tenogenic
differentiation of mouse MSCs [13]. These variations suggest that N-cadherin expression may depend
on the timing and intensity of GDF-5 signaling, but more studies are needed to assess how N-cadherin

responds to growth factors in adult tendon cells.

Connexins in Adult Tendon

Connexins have been identified in adult tendon cells from a range of species [197, 204, 229,
230]. Although connexin levels decrease with increasing age [204, 231], their presence in adult
tendons suggests they are facilitating communication between cells, and may be involved in
maintaining the tissue. Using fluorescence recovery after photobleaching (FRAP) to quantitatively
evaluate the diffusion-dependent redistribution of a gap junction-permeable fluorescent dye, one
study showed that adult tendon cells from human hamstrings formed functional gap junctions with
connexin-43 in both 2 and 3 dimensional (D) in vitro culture, and rapidly redistributed calcein
acetoxymethylester (AM), a non-fluorescent dye that is converted to green-fluorescent and
membrane-impermeable calcein by intracellular esterases [239]. HeLa cells, which do not

communicate via gap junctions, did not redistribute calcein AM. Dye redistribution was impaired in
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tendon cells when gap junctions were chemically inhibited using 18 B-glycyrrhetinic acid and
carbenoxolone, indicating that intercellular communication was disrupted [239]. Additionally,
isolated tendon cells with fewer cell-to-cell contacts recovered more slowly from the photobleaching
and could not redistribute the calcein, compared to cells that formed many cell-to-cell contacts,
suggesting that adult tendon cells depended on their gap junction-linked network to rapidly move

small molecules [239].

Gap junction communication may also modulate inflammatory and catabolic responses in
adult tendon, including the response to overuse and exercise. Adult rabbit Achilles tendon cells
subjected to 30 minutes of heat (37 °C, 41 °C or 43 °C, to simulate the heating of tendon that can
occur following intense exercise) had decreased cell viability and increased expression of the
proinflammatory markers matrix metalloproteinase (MMP)-1, interleukin (IL)-1p and IL-6, and
decreased expression of Col I, 24 h after heat stimulation [240]. Connexin-43 expression was not
affected by heat treatment, but inhibiting gap junctions using 18 B-glycyrrhetinic acid resulted in
further increases in expression of MMP-1, IL-1p, and IL-6, compared to cells subjected to heat but
with functional gap junctions [240]. Interestingly, when connexin-43 was overexpressed, expression
of Col I and IL-1p was significantly lower, and MMP-1 and IL-6 expression trended lower in the
heated tendon cells, compared to cells heated without overexpression of connexin-43 [240]. Taken
together, these findings show that connexins may influence inflammatory markers in tendon cells

following intense exercise that results in heat.

In addition to heat, gap junctions are sensitive to mechanical signals [199], and respond to
mechanical loading. In one study, gap junctions were quantified in the tail tendon fascicles of adult
rats using FRAP and calcein AM [241]. Fascicles were statically loaded to 1 N and FRAP was carried
out after 10 minutes or 1 h of loading to assess junction permeability between groups [241]. A
mathematical compartment model was also generated to calculate a permeability constant for
intercellular communication. Loading for 10 minutes did not change the permeability, while loading
for 1 h significantly reduced intercellular permeability, compared to unloaded controls [241]. Strong
gene expression of connexin-26 and connexin-43 was observed following 1 h of loading, while
connexin-32 was undetectable. Connexin-43 gene expression increased significantly after 24 h of
loading, while no differences were seen in connexin-26 levels [241]. Protein production of connexin-
26 and connexin-43 was observed following 1 h of loading, though production of connexin-43 was
decreased, and the localization of connexin-43 changed from the contact points of neighboring cells
in the same row to a more discrete, punctate pattern [241]. In contrast, neither the protein levels nor

the localization of connexin-26 were affected by the loading. Connexin-32 was not found in loaded or
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unloaded fascicles [241]. The decrease in connexin-43 protein production is interesting given the
increase in connexin-43 gene expression, and suggests that tendon cells attempt to remodel their gap
junctions in response to load. However, actual production of gap junctions may be compromised with
loading, and hence overall permeability is suppressed, further inhibiting intercellular communication.
Overall, functional gap-junction intercellular communication may influence tendon cell behavior by
propagating mechanical signals throughout cell networks to stimulate a coordinated response to

loading.

In addition to the duration of loading, gap junctions may also be sensitive to the magnitude
of mechanical strain. Adult tendon cells from rabbit Achilles tendons showed that intermediate tensile
strain (4%) for 1 h enhanced intercellular communication, illustrated through increased transport of
fluorescent tracer molecules between cells [242]. High strain (8%) significantly decreased
intercellular gap junction communication, while neither 4 or 8 % strain affected intracellular
communication, which was mediated by diffusion instead of by gap junctions [242]. Connexin-43
was localized to the cytoplasm and cell-cell boundaries in the unstrained cells, and was also detected
near the nucleus in the 4% strain condition, while overall connexin-43 production was reduced at 8%
strain [242]. Gap junction communication appears to be enhanced by moderate strain, but inhibited by
high strain, possibly reflecting the physiologically relevant range of strain magnitudes [243]. Higher
strain magnitudes may mechanically disrupt the cell-cell junctions and lead to the increased
inflammation that follows gap junction inhibition [240]. Strain magnitudes were further assessed in a
follow-up study. Cells from adult rabbit Achilles tendons were left unstrained, or subjected to 4% or
8% strain for 24 h, and an intercellular diffusion coefficient was used to quantify gap junction
communication [244]. The intercellular diffusion coefficient was significantly increased following
application of 4% strain for 1 h, compared to 0% strain controls, and its level was maintained for 6 h,
but returned to pre-strain levels at 24 h [244]. This was accompanied by a transient increase in
connexin-43 gene expression and localization at the cell membrane and within the cell bodies at 1 h
and 6 h following 4% strain [244]. In contrast, application of 8% strain reduced the intercellular
diffusion coefficient to the levels of the unstrained control group or below at 6 h, and inhibited
connexin-43 expression, but did not change connexin-43 localization [244]. Moderate mechanical
loading may be therapeutically useful for preventing or repairing tendon injuries [112, 133, 142],
while the effects of high strains on gap junctions may explain the presentation of certain tendon
pathologies. Taken together, the results of these studies suggest that disruption of cell-to-cell
communication by tensile loading may account for some of the damage tendons can sustain from
mechanical loading. Gap junctions are part of a complex cellular communication mechanism in

tendon cells that responds to load and other stimuli, such as heat, by altering permeability of the cells
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and enhancing or inhibiting production of connexins, and possibly modulating the message the cells

receive.

In addition to mechanotransduction, gap junctions in adult tendon cells may be actively
involved in the mechanoregulation of collagen production. Blocking gap junctions with octanol in
adult chicken flexor digitorium profundus tendons ex vivo inhibited the increase in DNA and collagen
synthesis that was observed following 3 d of cyclic loading to 0.65% strain, and was reversible when
the octanol was removed [245]. Gap junctions may be initiating the cellular communication that
coordinates collagen production in response to mechanical loading. The unequal distribution of
connexins within tendons may reflect the different magnitudes and modes of mechanical loading
associated with specific regions. In the rat, the distal Achilles tendon midsubstance, sesamoid
fibrocartilage, and enthesial fibrocartilage regions were shown to have different expression of
connexin-32 and -43 [229]. Immunofluorescence revealed prominent connexin-32 and -43 junctions
in the tendon midsubstance, with both connexins localized between cells and rows, and connexin-43
predominantly occurring between lateral cell processes [229]. Connexin-32 formed plaques between
cells with many small foci, while connexin-43 displayed a more punctate labeling pattern. Within the
enthesis, both connexin-32 and -43 were significantly reduced. Connexin-43 was not detected in the
enthesis, but connexin-32 was detected in the cells that stopped forming rows, and adopted a rounded
morphology associated with mineralized fibrocartilage [229]. Finally, connexin-32 and -43 labeling
was weak in the sesamoid fibrocartilage, with connexin-32 labeling localized mainly to the points of
contact between cells, and with no visible connexin-43 labeling [229]. In addition to variations in
connexin expression, cells in the different regions displayed distinct morphologies, with elongated,
narrow cells observed in the midsubstance, and more rounded cells with fewer opportunities for cell-
cell contact seen in the enthesis and sesamoid areas [229]. Cell shape affects the contacts cells can
make with one another, and may enhance or suppress expression of certain gap junction proteins. It is
worth noting that some bone cells in the calcified enthesis fibrocartilage expressed connexin-43
[229], demonstrating the wide-ranging distribution of connexin-43 throughout multiple
musculoskeletal tissues. The variations in expression patterns of connexins between bone, tendon, and
fibrocartilage may also help guide the differentiation process to ensure correct formation of separate

tissues.

Gap junctions may also couple with the actin cytoskeleton and together play a role in
mechanoregulation of tendon cells. Connexin-43 was found to colocalize with actin filaments in both
avian and human tendon cells. While only ~4% of avian tendon cells had colocalization of actin and

connexin-43 in an unloaded control group, cells subjected to 5% cyclic strain had significantly
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increased colocalization of actin and connexin-43 [246]. The same study also investigated COS-7
cells (CV-1 in Origin with SV40 genes, derived from the kidney of the African green monkey).
Colocalization of actin and connexin-43 was significantly increased following cyclic strain in the
tendon cells, but was not observed in the COS-7 cells, suggesting that COS-7 cells are not as
mechanosensitive or that connexin-43 is playing a different role [246]. Additionally, inhibiting non-
muscle myosin II activity to block actin contractility, and hence mechanotransduction, greatly
reduced the detectable connexin-43 on actin filaments, suggesting that conexin-43 is not produced
when the cell cannot contract. The colocalization of connexin-43 and actin filaments with mechanical
loading, and subsequent loss of this colocalization with inhibited actin-myosin contractility indicates
that gap junction production in tendon cells is mechanically regulated and partially dependent on the

actin cytoskeleton.

Localization of connexin-32 and connexin-43 has been shown to vary within tendon cells as
they reside in the tendon tissue: tendon cells are linked by both connexins longitudinally (e.g. within
rows), but only by connexin-43 laterally (e.g. between rows) [197, 229, 230]. 3D reconstructions of
sections from adult rat deep digital flexor tendons stained for connexin-32 and -43 showed that, in
addition to the processes between cells, connexin-43 was prominent in the periphery of the tendon,
between the epitenon and the outermost layer of tendon [197]. Connexin-32 was also prominent in the
periphery, but with a more diffuse distribution than connexin-43, and with many foci between cells
that appeared as plaques [197]. This reconstruction identified the precise locations of connexin-32
and -43 in tendon, and showed that the 3D structure of tendon cells is complex, with collagen bundles
distributed throughout the tendon, and different localization patterns of connexin-32 and -43. The
differences in positioning between these two connexins may be attributed to their different
mechanoresponsive functions in Col I secretion, a hypothesis investigated by selectively blocking
specific connexins in avian tendon cells. Tendon cells from chicken deep digital flexor tendons
strained to 75 millistrain for 8 h/day for 3 d increased Col I secretion by 23%, compared to unstrained
controls [230]. When connexin-32 and -43 were both inhibited via the biomimetic peptide gap27, Col
I production was reduced compared to untreated cultures, in both strained and unstrained cells [230].
When connexin-43 was selectively inhibited via antisense oligonucleotides, Col I secretion was
further increased with loading, while antisense inhibition of connexin-32 resulted in reduced Col I
secretion [230]. These results suggest that mechanical signals are integrated by tendon cells to
produce a coordinated response to load, and that connexin-32 may be stimulatory and connexin-43
may be inhibitory [230]. The differential actions of connexin-32 and -43, and possibly other gap
junctions, could contribute to the overall cell response to mechanical loading in tendon. Excess

collagen production is responsible for scarring, making targeted inhibition of stimulatory gap junction
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proteins a potential clinical treatment to prevent fibrosis following tendon injury. The anabolic and
catabolic cellular processes that maintain the adult tendon ECM are likely mediated in part by gap
junction communication, but a deeper understanding of the relationships between mechanical signals

and cell responses is needed.

Cell-Cell Junctions in Tendon Injury and Disease

Adult tendons heal poorly, and the roles of gap junctions in injury and healing have been
explored. Gap junction involvement in tendinopathies may be driven in part by inflammatory
cytokines. The inflammatory cytokine IL-1p is produced following tendon injury [153, 154] and
directly impacts tendon cells [247, 248]. To evaluate this, cells from human flexor digitorum
profundus tendons were cultured in 3D and subjected to 3.5% cyclic strain at 1 Hz for 1 h/day for up
to 5 days with or without IL-1p treatment. All strained cells underwent increased apoptosis, and had
upregulated gene expression of Col I, fibronectin, biglycan, TGF1, cyclooxygenase-2, MMP-27, and
a disintegrin and metalloproteinase with thrombospondin motifs 5 (ADAMTSS), genes which are
upregulated in human tendinopathies [249]. IL-1P decreased expression of all target genes to the
levels of unstrained controls, with the exception of cyclooxygenase-2 and ADAMTSS, which were
both increased by addition of IL-1p alone, though strain with IL-1f did not further increase their
expression [249]. Cells seeded more densely made more connections and survived cyclic straining,
while cells at a lower seeding density did not survive. Enhanced cell survival was lost when gap
junctions were inhibited, indicating that cell survival was mediated by gap junctions [249]. Indeed,
IL-1p treatment upregulated connexin-43 expression in a time- and dose-dependent manner, as early
as 8 h after its addition to cell cultures. IL-1p also altered cell morphology, with treated cells forming
multiple long, axon-like processes and connecting to one another [249]. Although high levels of IL-
1B likely contribute to tendon pathology via upregulation of inflammatory proteins such as
cyclooxygenase-2 and ADAMTSS, IL-1B may also be part of the adaptive response to loading. In
particular, the ability for IL-1p to upregulate connexin-43, shown in other studies to attenuate cell
death caused by strain [240, 244], may be useful for preventing or treating strain-induced tendon
pathologies. However, more work is needed to determine how the progression of tendinopathies may

differ between in vivo and in vitro conditions, and how connexin-43 may mediate strain-induced
injury.
Fluoroquinolone antibiotics, such as ciprofloxacin, are known to cause tendinopathies and

ruptures in some patients [250]. These tenotoxic side effects of ciprofloxacin may be due to altered

expression of cadherins and connexins by the tendon cells. To assess this, adult human tendon cells
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from the tendons of the rectus femoris, gracilis, and semitendinosus muscles were cultured for 2 d and
treated with 10, 20 or 50 pg/mL ciprofloxacin. Control cells were cultured without ciprofloxacin.
Ciprofloxacin administration significantly decreased expression of N-cadherin at all concentrations,
and connexin-43 expression trended downwards [251]. Col I, Col III, and MMP-2 expression was
unaffected by ciprofloxacin, but MMP-1 expression increased, and tissue inhibitor of MMP (TIMP)-1
decreased [251]. Expression of long lysyl hydroxylase 2 (LH2b), an enzyme involved in collagen
crosslinking, trended lower, though the decrease was not statistically significant. No changes were
observed in the actin, vimentin, and microtubule network between control and ciprofloxacin-treated
cells [251]. The reduction in LH2b, coupled with the decrease in N-cadherin and downward trend in
connexin-43, suggests that ciprofloxacin may inhibit collagen crosslinking in some patients and
impact the cell-cell contact in tendon cells, possibly leading to tendon ruptures. However, the
mechanisms through which N-cadherin and connexin-43 in adult tendon cells influence tissue

maintenance in normal and tendinopathic tendons needs further study.

Ectopic ossification is associated with Achilles tendon injuries and repairs [60]. The exact
causes are unknown, but cytokines such as bone morphogenetic protein (BMP)2 and 4, and TGFp2
may be driving an endothelial-to-mesenchymal transition of vascular endothelial cells, which
subsequently undergo osteogenic differentiation, resulting in mineralization within the tendons [252].
Smad proteins are the main signal transducers of the TGFf pathway, and Smad2 and 3 are necessary
for TGFB2-induced tenogenesis during embryonic limb development [52, 53, 253]. Conversely,
Smad7 has been shown to inhibit Smad2 signaling, and Smad?7 overexpression blocks myofibroblast
activation and transformation [254], inhibiting endothelial-to-mesenchymal transition. To assess the
potential of Smad7 as a preventative for heterotropic ossification following tendon repair, adult rat
Achilles tendons were fully transected and injected with a Smad7 overexpressing lentivirus.
Histological and gene expression analysis showed that, compared to the control groups, injured
tendons transduced with the Smad7 lentivirus increased production of VE-cadherin and the
endothelial marker cluster-of-differentiation 31 (CD31), and decreased production of N-cadherin and
vimentin, especially at 6- and 10-weeks post-surgery [252]. Histological and X-ray analysis at 10
weeks post-surgery revealed that rats treated with the Smad7 lentivirus did not show signs of
heterotropic ossification, while control rats showed ossifying regions of their Achilles tendons in both
X-rays and histological sections [252]. The decrease in N-cadherin in the Smad7 treated rats, coupled
with the robust N-cadherin production seen in injured tendons, suggests that N-cadherin is involved in
the endothelial-to-mesenchymal transition that may be underlying heterotropic ossification of injured
tendons. As tenogenic differentiation of stem cells is accompanied by decreases in N-cadherin

production [13], Smad7 overexpression may be creating a more tenogenic environment to promote
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healing in injured tendons. Cadherins have remained underexplored as targets for regenerative
therapies for tendon injuries. The extensive involvement of cadherins in tissue development,

patterning, and injury response make them worthy of future investigations.

Tight Junctions in Tendon

Tendons must be able to slide over other tissues during movement to carry out their function,
and both ageing and injury have been shown to result in fibrous adhesions [255]. The surface of E14
chick metatarsal and 4-week-old mouse flexor tendons was recently found to be coated in a Col
IV/laminin basement membrane and contained a keratinized epithelium that was located on the
outermost aspect of the tendon [256]. Immunofluorescence imaging showed that the basement
membrane surrounding the tendon was composed of ZO-1 and claudin-1 tight junctions (Figure 3.3),
as well as the epithelial markers keratin 1 and 10 [256]. The epithelial cells of the basement
membrane had a flattened morphology and interdigitated cell processes [256]. This epithelial layer
was proposed to facilitate tendon sliding, as well as prevent tendon cell migration away from the
tissue. Cutting 4-week-old mouse flexor tendons and incubating them ex vivo for 5 d showed cells
migrating from the cut ends, but not from the tendon midsubstance surrounded by the intact epithelial
layer [256]. When this epithelial layer was digested by trypsin prior to 5 d of culture, cells migrated
away from all the trypsin damaged surfaces, indicating that they were no longer contained by the tight
junctions around the tendon [256]. Adhesions that form following injury may therefore originate from
damage to this basement membrane and epithelium, a hypothesis tested in a Col IV mutant mouse
line, which is not able to form intact basement membranes due to its mutated collagen [256].
Histological examination of the deep flexor tendons in the hind limbs of mutant mice showed
evidence of adhesions between the tendon and the tendon synovium, and these adhesions were not
present in wild-type mice [256]. Finally, when the flexor tendons of 4-week-old mice were severed
and allowed to heal for 21 d, adhesions were seen between the tendon and tendon synovium and skin,
though the tendon epithelium flanking the injury was intact [256]. Overall, these observations suggest
that the epithelial layer surrounding tendon is crucial to preventing adhesions, and repairing damage

to the epithelial layer to prevent adhesions may help mitigate the effects of injury.
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B | Claudin-1

Figure 3.3 ZO-1 and claudin-1 are seen in a transverse section of E14 chick metatarsal tendon.

Immunofluorescence staining showed the presence of an epithelium containing (A) ZO-1 (green) and (B)
claudin -1 (red) tight junctions on the surface of the tendon. This epithelium may prevent tendon cell
migration and tendinopathic adhesion formation. Figure used with publisher’s permission from Taylor et al
2011 2361,

Cell-Cell Junctions as Regulators of Musculoskeletal Tissue Formation

Regulation of Cell-Cell Junctions with Tenogenesis

Differentiation of stem cells toward the tendon lineage (tenogenesis) may be regulated by
mechanical [9], biochemical [257], and combinatorial factors [49, 201]. Differentiation has been
characterized by increases in expression of tendon markers such as scleraxis and tenomodulin.
However, few studies have investigated how the profile of cell-cell junctions may be influenced by
tenogenic differentiation. The growth factor TGFB2 has been identified in embryonic tendon
development as an important tenogenic factor [31, 47] and has been explored in tenogenesis of stem
cells [48, 49, 258]. In vitro, N-cadherin and cadherin-11 protein production were significantly

decreased in C3H10T1/2 mouse MSCs treated with TGFB2 for 3, 7, 14, and 21 d, while scleraxis and
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tenomodulin production were significantly increased after 14 and 21 d [13]. Cell morphology also
changed with TGFB2 treatment. As early as 3 d and throughout 21 d of TGFB2 treatment, MSCs
appeared fibroblastic, with an elongated actin cytoskeleton and a high degree of local actin alignment,
compared to untreated controls [13]. The decrease of N-cadherin to almost undetectable levels, as
well as the sustained decrease of cadherin-11, and simultaneous increase in tenogenic markers
scleraxis and tenomodulin, suggests that suppression of these cadherins may occur during tenogenic
induction. In the same study, connexin-43 increased significantly following 3 d of TGFB2 treatment,
but did not differ significantly from untreated controls at later timepoints [13]. Additional studies are
needed to understand if N-cadherin, cadherin-11 and connexin-43 are regulators of the tenogenic stem
cell response to TGFB2. To better understand how cadherins and connexins may regulate tendon
development and tenogenesis, we look to other musculoskeletal tissues of mesenchymal lineage. For
example, chondrogenic differentiation is associated with changes in N-cadherin levels [259, 260], and
cadherin-11 plays a role in osteogenesis [261]. Therefore, we briefly survey the cadherins and

connexins involved in chondrogenesis and osteogenesis.

Cadherin Regulation of Chondrogenesis and Osteogenesis

In MSCs, N-cadherin and cadherin-11 are regulators of differentiation toward cartilage and
bone [262]. The timing of N-cadherin expression appears especially critical for chondrogenesis. N-
cadherin was initially shown to have a specific spatiotemporal expression pattern during limb bud
chondrogenesis in chick [260]. Shell-less embryos injected during the cell condensation stage at
HH22-24 with N-cadherin blocking antibodies failed to undergo chondrogenesis, and had other gross
developmental and pattern deformities, likely due to widespread disruption of cell adhesion [260].
The same study also treated in vitro micromass cultures of chick limb mesenchymal cells with N-
cadherin blocking antibodies. As in the in vivo experiments, cells treated with N-cadherin blocking
antibodies did not undergo aggregation and condensation, and chondrogenesis was inhibited [260].
As N-cadherin expression is highest during the cellular condensation phase, blocking N-cadherin

during cellular condensation is especially detrimental to chondrogenesis.

The in vivo increase in N-cadherin during cellular condensation and chondrogenesis may be
driven by BMP2, a growth factor and member of the TGF signaling family [263]. BMP2-induced
chondrogenesis of mouse MSCs resulted in a significant upregulation of N-cadherin after 24 h and 5
d in culture [263]. Blocking N-cadherin interactions using a N-cadherin mimicking peptide inhibited

chondrogenesis, and overall loss of chondrogenesis was greater with higher concentrations of the
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peptide [263]. Finally, mouse MSCs transfected to overexpress N-cadherin augmented the effect of
BMP2 when N-cadherin expression was doubled, but BMP2-induced chondrogenesis was inhibited
when N-cadherin expression was quadrupled [263]. Cells transfected with a mutant N-cadherin failed
to undergo BMP2-induced chondrogenesis. Collectively, these results suggest that the timing of N-
cadherin expression is critical to chondrogenesis, and while high levels are needed initially, N-
cadherin levels must decrease in order for chondrogenesis to proceed. The initial increase and
subsequent reduction of N-cadherin was further investigated using micromass cultures of embryonic
chick mesenchymal cells. Cells from HH23-24 were transfected with mutant N-cadherin or wild-type
N-cadherin, and in all transfected cells a transient increase in N-cadherin expression was observed for
the first 2 d of culture, followed by a decrease at 3 d [259], mirroring the expression pattern
documented in mouse MSCs chondrogenesis [263]. Overexpression of N-cadherin resulted in
enhanced cell condensation and chondrogenesis after 2 and 3 d of culture, while micromass cultures
transfected with mutant N-cadherin showed suppressed cell condensation and cartilaginous matrix

generation, with reduced Col II and proteoglycan production [259].

Potential intracellular regulators of N-cadherin, such as Rho guanosine triphosphate
(RhoGTP)-ases, specifically the kinase Racl, have also been explored in chondrogenesis [264].
Inhibiting Racl in micromass cultures of E11.5 mouse mesenchymal limb bud cells led to reduced
cell numbers, size and organization of cellular condensations, and decreased expression of N-
cadherin. Overexpression of Racl in cultured chondrogenic ATDCS cells resulted in increased
expression of the cartilage markers Sox9, 5, and 6, collagen II, and aggrecan [264]. In micromass
cultures, genetic ablation of Racl led to reduced expression of chondrogenic markers, including Sox9
[264], and Racl overexpression resulted in increased N-cadherin expression [264]. Based on these
findings, it is possible that Racl affects the N-cadherin expression needed for cellular condensation

during chondrogenesis.

TGFp signaling may also modulate chondrogenesis via N-cadherin. TGFf1 initiated and
maintained chondrogenesis of human mesenchymal progenitor cells in addition to a corresponding
initial upregulation and subsequent downregulation of N-cadherin [265]. Wnt7, a target of B-catenin,
had an expression pattern that mirrored N-cadherin, with a significant increase after 1 d of TGFp1
treatment, and a return to control levels at 3 d [265]. This suggests Wnt7 may regulate N-cadherin
during TGFB1-mediated chondrogenesis. Alongside TGFB1, TGF3 is also a chondrogenic growth
factor [65]. TGFB3-induced chondrogenesis in human MSCs was accompanied by increases in N-
cadherin [266]. Chondrogenic differentiation was further enhanced when cells were prevented from

spreading and flattening (flattened cells differentiated into smooth muscle), suggesting cell-shape
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may be mediated by cadherin cell-cell adhesions, and may affect subsequent differentiation [266].
Finally, cadherin-7 has been shown to be necessary for cartilage condensation in HH22-23 chick limb
mesenchymal cells [267]. Knockdown of cadherin-7 resulted in impaired cell migration and failed
precursor condensation, while overexpression of B-catenin also resulted in inhibition of cadherin-7
and suppression of cell migration [267]. Thus, in addition to N-cadherin, cadherin-7 may control

cellular condensation during chondrogenesis.

N-cadherin and cadherin-11 are also involved in osteogenic differentiation and modulation of
bone growth. At 6 months of age, N-cadherin */" and cadherin-11 "/~ double-knockout mice had severe
phenotypic deficiencies, including smaller body mass and reduced trabecular bone mass, bone
strength, and bone formation rate, and smaller diaphyses, compared to either single-knockout or wild-
type mice [268]. Knocking out both N-cadherin and cadherin-11 resulted in decreased p-catenin in
both the nucleus and the cytoplasm and cell membrane, leading to an overall downregulation of -
catenin signaling when cell adhesion was disrupted [268]. N-cadherin promoted osteogenic induction
of human MSCs that were cultured in hydrogels functionalized with N-cadherin mimetic peptides
[269], though a different study found that N-cadherin mimetic peptides enhanced chondrogenesis of
human MSCs [270], highlighting N-cadherin’s multifaceted roles during differentiation and
development of bone and cartilage. Mature osteoblasts also express N-cadherin [271], but prolonged
N-cadherin overexpression limited osteogenic differentiation of mouse MSCs by downregulating 3-
catenin and extracellular signal regulated kinase (ERK)1/2 signaling [272]. Additionally, ectopic bone
formation in nude mice was prevented by N-cadherin overexpression [272], suggesting that N-
cadherin levels are tightly regulated during mesenchymal cell condensation to ensure correct tissue
differentiation, and offering a potential explanation for the drop in N-cadherin levels seen following
cell condensation [260, 263]. Cadherin-11 also appears to be osteogenic during development, with
reduced osteoblast differentiation and bone density observed in cadherin-11 knockout mice [261].
However, just as N-cadherin is needed for cell condensation during chondrogenesis, cadherin-11 may

also be needed for cell condensation during tendon development [42, 44].

In addition to their chondrogenic and osteogenic roles, N-cadherin and cadherin-11 may be
involved in the organization and maintenance of the synovial lining, the thin membrane between the
joint cavity and the fibrous joint capsule that facilitates low-friction movement at the joint, and
becomes inflamed during osteoarthritis [273]. Fibroblast-like synoviocytes from cadherin-11-null and
wild-type mice were cultured and stained to determine the presence of cadherins. Cell-cell contacts in
the wild type synoviocytes contained cadherin-11, while cadherin-11-null cells still made cell-cell

contacts that contained p-catenin [274]. Wild-type cells expressed both N-cadherin and cadherin-11,
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while cadherin-11-null cells expressed only N-cadherin and the mutated form of cadherin-11, though
interestingly, cadherin-11-null cells expressed higher levels of N-cadherin than wild-type cells [274].
Furthermore, immunoprecipitation using B-catenin, which binds the cytoplasmic tail of cadherins,
indicated that the two cadherins are not part of the same molecular complex in synoviocytes [274]. As
more information emerges about the role of cadherins in the synovium, novel cadherin contributions

to tendon formation may become evident.

Connexin Regulation of Chondrogenesis and Osteogenesis

In addition to cadherins, connexins are involved in the early differentiation and patterning of
other musculoskeletal tissues. Connexin-43 has been shown to be necessary for chondrogenesis and
osteogenesis, and its participation in both of these processes has been summarized in a recent review
[275]. While less is known about the role of connexins compared to cadherins in cartilage
differentiation, adult articular chondrocytes express both connexin-43 and -45 in vitro [276]. In one
study, connexin-43 was shown to be involved in GDF-5-induced chondrogenesis [277]. Chick limb
MSCs expressing mutated GDF-5 and treated with human GDF-5 had increased Col II expression in
1 d cultures and increased Alcian blue staining (indicative of glycosaminoglycan production and
chondrogenic differentiation) in 3 d cultures compared to wild-type control cells, but the enhanced
chondrogenesis was lost when gap junction communication was chemically blocked by oleamide
[277]. Overexpressed GDF-5 functioned independently of N-cadherin, as cells with mutated N-
cadherin still underwent GDF-5-induced chondrogenesis, while connexin-43 protein levels remained
constant between cells expressing mutated GDF-5 and controls [277]. As GDF-5 and connexin-43 are
also both present in embryonic tendon [232], it is possible that tendon and cartilage share similar
developmental mechanisms. The potential involvement of connexin-43 in chondrogenesis also comes
from a study that blocked gap junction communication in bone marrow-derived mesenchymal stromal
cells and human chondrocytes with 18-a glycyrrhetinic acid, and observed a decrease in Col II and
extracellular adenosine triphosphate (ATP) [278]. When cells were cultured farther away from each
other in an engineered tissue scaffold, differentiation was not impacted, but blocking connexins again
led to decreases in chondrogenic markers, suggesting functional gap junctions rather than general

cell-cell contacts were needed for chondrogenesis [278].

During osteogenesis, the expression of connexin-43 has been shown to parallel osteoblastic
differentiation, and inhibiting connexin-43 reduces osteoblast differentiation in human fetal

osteoblastic cells [279]. In human osteoblasts, connexin-43 may regulate alkaline phosphatase
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activity, as well as osteocalcin and osteopontin expression, all of which contribute to osteoblastic
differentiation [279]. In contrast, 2-month-old mice with a conditional knockout of connexin-43 had
increased periosteal bone formation in vivo, and increased periosteal and endocortical bone mass in
response to axial compressive load at lower strains, indicating an overall increased sensitivity to
mechanical load compared to their wild-type littermates [280]. These contradictory results are likely
due to the differential effects of inhibiting connexin-43 at various developmental stages, and in
specific tissues rather than globally. Complete loss of connexin-43 earlier in development leads to
disruption of osteoblastic differentiation, while targeted disruptions at later stages, such as those
achieved in osteoblasts on the endocortical surface, osteocytes, and periosteal cells by a conditional
knockout [280], do not cause severe phenotypic deficiencies. While the causal mechanism of
connexin-43-mediated disruption of osteogenesis remains unknown, the c-terminal domain of
connexin-43 was recently found to bind several signaling proteins, including B-catenin [281].
Deletion of the c-terminal domain of connexin-43 in a mouse model resulted in disruption of
osteoblast proliferation, differentiation, and collagen processing and organization [281], suggesting

connexin-43-mediated intracellular signaling may be needed for bone formation.

Collectively, there is a need to better understand how chondrogenesis and osteogenesis are
mediated by cadherins and gap junctions. Not only will a more thorough understanding of these
differentiation processes point to potential tenogenic mechanisms, but aberrant differentiation of
tendon cells into bone or cartilage is frequently observed in human tendinopathies [60]. Ectopic
ossification or chondrogenesis within tendons implies the processes are related, and communication

deficiencies or incorrect cell signaling may induce aberrant differentiation and lead to disease.

Cell-Cell Junctions in Musculoskeletal System Pathologies

Cadherins in Musculoskeletal and Skin Diseases

Cadherin-11 has been shown to participate in the inflammatory mechanisms of rheumatoid
arthritis in the synovium [282]. Although cadherin-11 is required for synovial lining formation [273],
it also contributed to inflammation and mediated cartilage degradation, possibly via recruitment of
inflammatory molecules to the synovium [282]. Another study found that IL-17, an inflammatory
cytokine involved in rheumatoid arthritis, increased cadherin-11 expression in the knee joints of mice
with induced arthritis [283]. The same study found increased cadherin-11 expression in the synovium
of mice with arthritis, as well as in mice with deficient IL-1 receptors, and human patients with

rheumatoid arthritis. Cultured fibroblast-like synoviocytes also had significantly increased cadherin-
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11 when treated with IL-17, but increases were blocked in cells treated with nuclear factor kappa-
light-chain-enhancer of activated B cells (NF-kB) inhibitors to suppress the inflammatory response
[283]. Blocking cadherin-11 during rheumatoid arthritis may attenuate some of the symptoms, but
future studies must determine other side effects of disrupting cadherin-mediated cell adhesion in the
synovium. Nevertheless, cadherins may be promising targets for preventing or reversing

inflammation within joints and are worth exploring in tendon and other musculoskeletal tissues.

Cadherin-11 is also implicated in pathologies of the mouth and skin. Human periodontal
ligament cells express cadherin-11, but expression was suppressed by mechanical stress, as cultured
cells weighted under glass coverslips from 0 to 2 g/cm? for up to 24 hours showed increased cadherin-
11 suppression with higher stress and loading time [284]. Col I and B-catenin expression were also
suppressed by loading, and reducing cadherin-11 expression with B-catenin knockdown led to
rounding of periodontal ligament cells and an overall change in collagen matrix deposition [284].
Cadherin-11 was also found on the surface of fibroblasts and macrophages isolated from the skin of
systemic sclerosis patients [285, 286]. Blood samples from patients with widespread skin symptoms
of systemic sclerosis showed significantly increased cadherin-11 expression, compared to samples
from patients with limited systemic sclerosis or other connective tissue diseases [285]. Furthermore,
logistic regression analysis showed a significant correlation of increased cadherin-11 expression with
extensive skin symptoms of systemic sclerosis [285]. Together, these findings illustrate that cadherin-

11 may play a role in some musculoskeletal pathologies.

Connexins in Musculoskeletal and Skin Diseases

Connexins are involved in many human pathologies, and the mechanisms by which
connexins contribute to various disease states have been summarized in a few recent reviews [275,
287], though it was noted that fundamental knowledge of connexin signaling in cartilage, tendon, and
muscle is lacking [275]. However, connexin-43 has emerged as a potential mediator of synovium
pathologies. Elevated connexin-43 expression was seen in the synovial lining of patients with
osteoarthritis. Connexin-43 expression was 50% higher and MMP-1 production was increased with
osteoarthritis, possibly in response to elevated IL-1p [288]. IL-1P was also detected in diseased
synovia of human osteoarthritis patients [288], and IL-1p was shown to significantly increase
connexin-43 production and localization to the cell membrane in adult rabbit synovial fibroblasts
[289]. In a different study, human chondrocytes from the articular cartilage of the femoral head and

knee of patients with osteoarthritis also had elevated expression of connexin-43 and -45, and
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increased gap junction plaques [276]. Together, there is evidence of connexin-43 involvement in
inflammation and osteoarthritis in synovial lining and cartilage. However, future studies are needed to
identify the contributions of connexin-43 and other connexins, such as connexin-32, to tendon and

other musculoskeletal pathologies.

Conclusions and Future Directions

Tendon cells in immature and mature tendons possess an array of cell-cell junction proteins,
including cadherins and connexins. It is likely that additional cell-cell junction proteins are present
and have yet to be explored. Improving our understanding of how the currently identified cell-cell
junctions (e.g., cadherin-11, N-cadherin, connexin-32 and -43) and potential downstream signaling
pathways (e.g., B-catenin) (Figure 3.4) regulate tenogenesis may result in novel strategies to direct
engineered tendon formation and differentiation. A potential approach is designing engineered tissue
scaffolds that are functionalized with peptides that mimic specific cell-cell junctions, similar to what
has been demonstrated with N-cadherin mimicking peptides for chondrogenesis [270] and
osteogenesis [269]. Tendon tissue engineering strategies that exploit the natural ability of the cells to
form tissues through cadherin and connexin mediated self-assembly, such as scaffold-free techniques
that found cadherin-11 in the early stages of fiber formation [44], could also be guided by a more
complete understanding of the cell-cell adhesions found in developing tendon. A different approach
may be to use novel biomaterials to control spatiotemporal siRNA application to stem cells to
regulate cell-cell junction levels and ultimately tendon formation [290]. Future engineered tissue
constructs with the appropriate types and ratios of cadherins and connexins may also acquire self-
organizational capacity as the cell-cell interactions mimic in vivo development. Constructs that can
mimic the developmental processes more closely can offer new insights into cell-cell junction-
associated signaling pathways that remain underexplored in tendon development (e.g., Wnt/B-
catenin). Furthermore, B-catenin may be particularly relevant in tenogenesis as it is needed for
recruitment of vinculin and actin to mechanically stressed cadherin complexes [291], and - and -
catenin are critical to the formation of adherens junctions in Drosophila, but are unexplored in the

developing tendons of mammals [292].
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Figure 3.4 Potential cell-cell junction and cell signaling regulators of tenogenesis.

N-cadherin and cadherin-11 are found in embryonic and adult tendon cells [204,236], and are regulated in
tenogenically differentiating stem cells [13]. Cadherin-B-catenin coupling and -catenin signaling may
regulate tendon and stem cell behavior [225, 226]. Connexin-32 and connexin-43 are present in embryonic,
postnatal, and adult tendon cells [204, 230]. Future studies are needed to understand what the roles these cell-
cell junction proteins and B-catenin are playing in tenogenesis.

Other regulators of cell-cell junctions in tendon may also emerge. The tumor suppressor
protein p53, which is mutated in several cancers that also involve cadherin mutations [293], was
found elevated in partially torn human supraspinatus tendons, compared to intact reference
subscapularis tendons [294]. Injured tendons displayed increased apoptosis and proliferation
compared to intact controls [294], and it is possible that p53 affects cadherins or other cell-cell
junctions in tendons following injury, though its potential involvement has yet to be explored. In
addition to p53, NF-xB was found to be elevated in tendinopathy and tendon injury, and presents a
possible target for reducing inflammation in tendinopathies [295, 296]. This upregulation of NF-xB
during tendinopathy may potentially affect cell-cell junction proteins, though any relationship
between NF-kB and cell-cell junctions in tendon has yet to be investigated. Overall, a comprehensive
understanding of potential regulators of cell-cell junction proteins in tendon will provide new targets

for clinical treatment of tendinopathies.
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Our current understanding of the roles of cell-cell junctions in bone and cartilage highlights
the diverse contributions of cadherins and connexins to the development of musculoskeletal tissues.
In comparison, the regulation of tendon formation by cell-cell junctions is poorly understood. Given
that bone and cartilage form concurrently with tendon during limb development, and their
development is spatiotemporally regulated by cell-cell junctions, it is possible cell-cell junctions are
also critical regulators of tenogenic differentiation. Ultimately, improved understanding of the roles
of cell-cell junctions in tendon differentiation, development, and maintenance has implications for
advancing tissue engineering approaches and regenerative tendon healing. Additionally, cell-cell
junctions are involved in pathologies of the musculoskeletal system and deserve further investigation

in tendon.
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Chapter 4: A 3D Printed Bioreactor for Investigation Mechanobiology and

Soft Tissue Mechanics

*Raveling AR, *Theodossiou SK, Schiele NR. A 3D Printed Bioreactor for Investigating
Mechanobiology and Soft Tissue Mechanics. MethodsX 5(2018) 924-932. *Denotes shared lead
authorship.

Abstract

Mechanical loading is an important cue for directing stem cell fate and engineered
tissue formation in vitro. Stem cells cultured on 2-dimensional (D) substrates and in 3D
scaffolds have been shown to differentiate toward bone, tendon, cartilage, ligament, and
skeletal muscle lineages depending on their exposure to mechanical stimuli. To apply this
mechanical stimulus iz vitro, mechanical bioreactors are needed. However, current bioreactor
systems are challenged by their high cost, limited ability for customization, and lack of force
measurement capabilities. We demonstrate the use of 3-dimensional printing (3DP) technology
to design and fabricate a low-cost custom bioreactor system that can be used to apply
controlled mechanical stimuli to cells in culture and measure the mechanical properties of small
soft tissues. The results of our in vitro studies and mechanical evaluations show that 3DP
technology is feasible as a platform for developing a low-cost, customizable, and

multifunctional mechanical bioreactor system.

Introduction

Mechanobiology and tissue engineering approaches require a mechanical bioreactor system
that can apply user-defined cyclic strains to cells and tissues in vitro and mechanically evaluate the
developing tissues. The objective of this study was to design, build, and evaluate a low-cost,
customizable, and multifunctional mechanical bioreactor system. To achieve this, we focused on
developing a tensile bioreactor with potential applications for soft tissues such as tendons, ligaments,
or skin. Here, we utilized 3-dimensional printing (3DP) to build a low-cost culture chamber for
maintaining cells and engineered tissues in culture medium and custom grips for mounting 3D
engineered tissue constructs and soft tissues. Additionally, we developed custom software to control
three actuators and monitor load cells independently to conduct high-throughput loading experiments

and evaluate the mechanical properties of developing tissues. Our results show that 3DP is a
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promising technology that can be used to fabricate a multifunctional, low-cost, mechanical bioreactor

system.

Methods and Materials

Mechanical bioreactor design

The bioreactor system design described in this study was modeled after a system developed
by Kluge et al. [88] and used by colleagues [88, 90], but has several significant modifications. Here,
the system was designed to be vertically orientated to reduce the potential for off-axis forces. This
vertical orientation also eliminated the need for rubber gaskets associated with the moving actuator
connectors, which reduced the potential for friction in the system and errors in force measurements.
In addition, the bottom grip (i.e., the static grip) was fully integrated into the culture chamber to
reduce the number of moving parts. The culture chambers, soft tissue grips, and actuator arm were
designed in a computer-aided design (CAD) software package (SolidWorks Corp., Waltham, MA)
(Figure 4.1). The rectangular culture chambers were 71 x 128 x 29 mm with inner chamber
dimensions of 51 x 98 x 26 mm. The grips have a custom waveform pattern that secures a wide range
of soft tissues and minimizes slipping during tensile loading. Two custom soft tissue grips were
developed, one for mechanical evaluations and the other for use with soft 3D cell-seeded scaffolds in
vitro. For mechanical testing, through-holes in the fixed grip and actuator arm grip allowed for tissues
to be mounted and secured with stainless steel cap screws and nuts (Figure 4.1 A, B, C). For in vitro
culture, the grips were designed to have snap-hooks at either end in place of through-holes.
Corresponding snap-hook grooves were developed for the actuator arm and static culture chamber
grip. This modification eliminated the need for through-holes spanning the depth of the chamber,
which reduced the potential for culture medium leakage and allowed for more rapid and sterile
mounting of cell-seeded scaffolds (Figure 4.1 D, E, G). The culture chambers were equipped with
mounting posts to quickly load and secure chambers into the bottom plate of an aluminum load frame
using two-piece shaft collars. A through-hole for the moving actuator arm allowed the arm to move
with minimal friction. A separate port in the chambers was designed for adding and exchanging cell
culture medium. A syringe filter covered the cell culture medium port during in vitro culture,
maintaining a sterile environment while allowing for gas exchange within the culture chamber. The
front of the chamber was designed to be sealed with a transparent polycarbonate cover that
compresses against a rubber o-ring using stainless steel wing-nuts and bolts for quick, tool-free

mounting. A list of materials is found in Table 4.1.



Table 2.1 List of materials for the bioreactor system

Name Vendor Catalog Number Description
Inventor Dual Extrusion 3D Printer | Flashforge USA 6970152950192 3D printer
ABS filament Flashforge USA n/a ABS filament for 3D printer
Acetone Macron Chemicals n/a Ac.etone for waterproofing 3D
printed parts
. Size 14, captive, stepper motor
Linear Actuator Haydon Kerk 35H4N-2.33-915

linear actuator

Stepper Motor Controller

Peter Norberg Consulting, Inc

AR-BC4E20EU

USB, four stepper motor controller

DAQ Chassis National Instruments 781425-01 DAQ-9171, CompactDAQ Chassis

DAQ Universal Module National Instruments 779781-01 NI 9219 Universal AI Module

Load Cells Honeywell Sensing & Control n/a Model 31 Load cell

Polycarbonate McMaster-Carr 8574K26 Clear polycarbonate sheet

Wing nuts McMaster-Carr 94545A220 18-8 Stainless Steel Wing Nut, M4 x
0.7 mm
18-8 Stainless Steel Hex Head

Hex Head Screw McMaster-Carr 91287A053 Screw, M4 x 0.7 mm Thread, 40
mm Long

O-rings McMaster-Carr 9262K716 Buna-N O-Ring, 2 mm Wide, 100

mm

38



Clamp-on Rigid Shaft Coupling

Shaft Coupling McMaster-Carr 61005K411 Type 303 Stainless Steel
98434A126 18-8 Stainless Steel Female Hex

Thread Adaptor McMaster-Carr Thread Adapter 6-32 to M4 x 0.7
mm

Female threaded round standoff McMaster-Carr 91125A442 18-8 Stainless Steel, 1/4" OD, 5/16"
Long, 6-32 Thread Size
Clamping Two-Piece Shaft Collar

Shaft Collar McMaster-Carr 9520T8 for 14 mm Diameter, 2024
Aluminum
Fully Insulated Heat-Shrink Quick-

Quick-Disconnect wire terminals McMaster-Carr 72625K74/ 72625K75 Disconnect Terminals Male/Female,
for 22-18 Wire Gauge

Hex Head Cap Screw McMaster-Carr 93635A025 316 Stainless Steel, M3 x 0.5 mm
Thread, 30 mm Long

Thin Hex nut McMaster-Carr 93935A320 316 Stainless Steel, M3 x 0.5 mm
Thread

Socket Head Cap Screw McMaster-Carr 91292A114 18-8 Stainless Steel, M3 x 0.5 mm

Thread, 12 mm Long

68



90

Fabrication:

The 3D drawings (SolidWorks) were sliced into 2D layers using Flashforge Flashprint
(Flashforge USA, City of Industry, CA) software with a slice resolution of 2.5 um. The chambers,
grips, and actuator arms were printed with 1.75-mm diameter acrylonitrile butadiene styrene (ABS)
plastic filament (Flashforge) using a FlashForge Inventor 3D printer. ABS is an appealing material for
use with cell culture as it is chemically and biologically inert [297], and can be sterilized using
ethanol [298]. The extruder nozzle was heated to 230°C and the platform was heated to 110°C. Each
print had 5 shells and a print speed ranging from 50 to 70 mm/s. The culture chambers were printed
with a 0.12 mm layer height and 15% infill, while the grips and actuator arms had a 0.12 mm layer
height and 30% infill. The ABS plastic culture chambers were waterproofed by treating them with an
acetone vapor bath. The bottom of a glass 3 L beaker was covered with acetone (Macron Chemicals,
Center Valley, PA) to a height of 3 to 4 mm and heated until boiling. The culture chambers were then
lowered into the beaker and covered with Parafilm M (Bermis NA, Neenah, WI) to seal in the acetone
vapor. After 5 minutes, the chambers were removed from the beaker and air-dried for 12 h. The

acetone vapor-treated chambers had a smooth and waterproof finish.



91

50 mm

Figure 4.1 Engineering drawings of the custom mechanical bioreactor chambers, grips, and scaffold seeding
wells.

A) Chamber, B) grips, and C) actuator arm designed for mechanical evaluation of soft tissues. Through-holes
in the grips allow for secure mounting of tissues using stainless steel cap screws and nuts to prevent slipping
during a pull-to-failure. D) Cell culture chamber, E) snap hook grip, and G) actuator arm for sterile cell
culture. Through-holes are eliminated, and the snap hook system successfully secures the cell-seeded
scaffolds. F) Custom wells for seeding scaffolds with cells.
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Data acquisition and control

Three size 14 stepper motor linear actuators (Haydon Kerk, Waterbury CT) were mounted to
the top-plate of an aluminum frame (Figure 4.2). Stainless steel mounting hardware was used to
connect the load cells and actuator arms to each of the linear actuators. Heat-shrink quick-disconnect
wire terminals were used to connect the actuator wiring and allow the entire bioreactor system to be
easily inserted into a standard cell culture incubator through the sampling port. A 1000 g (9.81 N)
capacity load cell (Model 31, Honeywell Sensing and Controls, Columbus, OH) was attached to each
linear actuator. The load cells collect force data through a National Instruments (NI) data acquisition
device (DAQ) (NI, Austin, TX). Calibration of the load cells was conducted using 18 different
calibrated masses. Three consecutive load cell readings were taken for each calibrated mass and a
calibration curve was generated. Two additional load cells with 150 g and 500 g capacities
(Honeywell) were calibrated using the same procedure, but were not used in the validation
experiments described below. However, the load cells can be easily interchanged in the system as
needed for different tissues and force capacities. A stepper motor controller board (Peter Norberg,
Ferguson, MO) and custom LabView™ programs control the movement of the actuators. To calibrate
the actuators, digital images of the actuator grips were taken following actuator movements to 15
different displacement locations. ImageJ (NIH, Bethesda, MD) was used to measure the grip-to-grip
displacement from 3 images taken at each location, moving the motor back to a predetermined zero
position between captures. Using these calibrated load cells, actuators, and custom LabView™
controls [88], precise cyclic tensile strains can be applied and force and displacement data can be
collected. The cyclic program (LabView™) provides user control over strain magnitude, strain rate,
number of repetitions (cycles), frequency, and dwell time between stretches. A separate ramp control
program can perform pull-to-failure tests to measure tensile mechanical properties of soft tissues and

provides user control over strain magnitude, strain rate, and data collection rate.
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Stainless steel| actuator
couplers —_ (il

‘mm Load cell
Polycarbonate Actuator arm
cover
| Bioreactor

Collagen chamber
sponge

Aluminum I Custom soft

load frame — SRS URGEIRREENE tissue grips

Figure 4.2 3D printed cell culture chambers mounted into the bioreactor system.

Stainless steel couplers attach the actuator arms to the linear actuators and load cells. Clear polycarbonate
covers seal the chambers. Custom soft tissue grips secure the scaffolds and prevent slipping during loading.
The entire system fits inside a standard cell culture incubator.

Results

In vitro bioreactor validation — dynamic mechanical stimulation of stem cells in 3D scaffolds

To evaluate the bioreactor for in vitro cell culture, 3D collagen type I sponges (DSM
Biomaterials, Exton, PA) were prepared using a protocol previously described [299]. The collagen
sponges were cut into dumbbell-shaped tensile specimens (12 mm gauge length and 4 mm width),
sterilized overnight on a rocker in 70% ethanol, washed in sterile phosphate buffered saline (PBS) 6
times for 30 minutes each, and placed into custom 3D printed culture wells for cell seeding (Figure
4.1 F). Murine mesenchymal stem cells (MSCs) (C3H10T1/2, ATCC, Manassas, VA), a model MSC
used in prior tendon tissue engineering studies of cyclically loaded cells [91, 201], were cultured in
standard growth medium (Dulbecco’s Modified Eagle’s Medium (DMEM), 10% fetal bovine serum
(FBS), and 1% Penicillin/Streptomycin) until 70% confluent, and used between passage 3 and 9.
MSCs were trypsinized, and then 1x10° cells were seeded into each collagen sponge, and incubated
for 24 h in the 3D printed culture wells for initial cell attachment. The MSC-seeded collagen sponges
(MSC-constructs) were mounted into the bioreactor culture chambers (Figure 4.1 D, E, G). The

chambers were initially sterilized by soaking them overnight in a bath of 70% ethanol. The culture
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chambers were filled with 40 mL of fresh cell culture medium to ensure the MSC-constructs were
fully submerged, even when stretched. MSC-constructs were preloaded to 0.02 N to remove the slack,
and the grip-to-grip length of each MSC-construct was measured using digital calipers. Independent
displacement control of each actuator ensured that each MSC-construct was cyclically loaded to a
peak tensile strain of 10% at a strain rate of 1%/s for 720 cycles/day (0.05 Hz) for three days (n=3),
despite the slight differences in construct lengths after the initial preload was applied. MSC-
constructs mounted in the culture chambers and statically loaded (e.g., 0 cycles) were used as controls
(n=3). On day 4, the MSC-constructs were fixed in 10% formalin, stained with FITC-phalloidin (Life
Technologies) and 4’,6-diamidino-2-phenylindole (DAPI) to observe the actin cytoskeleton and cell
nuclei, respectively, and then imaged on a spinning-disk confocal microscope (Nikon/Andor,
Melville, NY). The staining showed that MSCs were present in both the cyclically loaded and static
control groups. Furthermore, cyclic tensile strain appeared to increase actin cytoskeleton network
formation, intercellular connections, and proliferation by the MSCs when compared to the static
controls (Figure 4.3), which is consistent with other studies [88, 236, 300, 301]. These results

demonstrate this bioreactor is useful for applying mechanical stimuli to cells in culture.
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Cell nuclei Actin cytoskeleton Merged

Static

Cyclic

Figure 4.3 Representative images of MSCs cultured under static and cyclic tension.

Representative images (20x magnification) of cell nuclei (A, D) and actin cytoskeleton (B, E) of MSCs
seeded into collagen sponges and loaded in tension statically (A, B, C) or cyclically (D, E, F) in the
bioreactor for 3 days. The merged images of (C, F) of the cell nuclei (blue) and actin cytoskeleton (green)
show that cyclic loading in the bioreactor appeared to increase cell proliferation and actin network formation.

Mechanical validation — tensile load frame

To evaluate the mechanical bioreactor as a small-scale tensile load frame, the mechanical
properties of mouse tail tendon fascicles (MTTFs) and collagen sponges (DSM Biomaterials) were
measured. MTTFs were isolated from the tails of 2.5-month old wild-type mice (n=5) with
mixed C57BL/6, C3H, 129, and FVB genetic backgrounds that had been used for another University
of Idaho TACUC approved study. The MTTFs were removed from the tails in PBS, secured in the
mechanical testing grips (Figure 4.1 A, B, C) with sandpaper to limit slipping, mounted in the

bioreactor, and submerged in PBS. Cross-sectional areas and initial lengths were measured from
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calibrated digital images using ImageJ (NIH, Bethesda, MD). The MTTFs were preloaded to 0.02 N
to remove the slack, and preconditioned for 10 cycles to 5% strain at a strain rate of 1%/s. After
preconditioning, the MTTFs were pulled in tension to failure at a strain rate of 1%/s while recording
the force and displacement. Results are reported as average + standard deviation. The custom grips
secured the MTTFs (diameter of 216 £ 67 um) without slipping. The fascicles had a maximum (max)
force of 0.59 + 0.34 N and corresponding displacement of 1.3 + 0.3 mm, linear-region stiffness of 0.7
+ 0.4 N/mm, max stress of 15.7 + 4 MPa and corresponding strain of 9.2 £ 2.4%, and linear-region
elastic modulus of 266 + 72 MPa (Table 4.2). The structural and material properties of MTTFs
measured in this study are within the expected range [302, 303]. Collagen sponges were also
mechanically evaluated using the same mechanical testing protocol. However, the collagen sponges
(n=3) were first cut into dumbbell-shaped specimens with a consistent gauge length of 12 mm and
width of 4 mm, as described above for cell culture. The collagen sponges had a max force of 0.24 +
0.03 N and corresponding displacement of 4.1 + 0.4 mm, linear-region stiffness of 0.09 + 0.007
N/mm, max stress of 19 + 2 kPa and strain of 20.6 £+ 2.1%, and linear-region elastic modulus of 143 +
7 kPa (Table 4.2). As expected, the collagen sponges are dramatically softer and weaker than the
MTTFs, and are consistent with a prior study that reported a tensile elastic modulus of bovine
collagen sponges of approximately 50 kPa, and an ultimate stress of 12 kPa [304]. Typical force-
displacement curves for the fascicles and collagen sponges are shown in Figure 4.4. Overall, we show

that our bioreactor is useful as a small-scale tensile load frame.
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Figure 4.4 Representative force-displacement curves for a tendon fascicle and collagen scaffold.




Table 4.3 Mechanical properties of MTTFs and collagen sponges evaluated using the bioreactor system (mean =+ standard deviation).

Elastic
Displacement at max [Stiffness Max stress  |Strain at max
Material Max force (N) modulus
force (mm) (N/mm) (MPa) stress (%)
(MPa)
Tendon
0.59+0.34 1.3+0.3 0.7+0.4 15.7+4 0.2+2.4 266+72
fascicle
Collagen
0.24+0.03 4.1+0.4 0.09+0.007 0.019+0.002 [20.6+2.1 0.143+0.007
sponge

L6
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Discussion

3DP is rapid, easily customizable, and lower cost in comparison to machined parts. Each
chamber assembly (including the actuator arm and grips) costs approximately $4.90 to print. The 3D
printed components are reusable and can be sterilized with 70% ethanol between uses, further
reducing the cost. As the bioreactor system is currently configured, it can evaluate the tensile
mechanical properties of small-scale soft tissues that have maximum failure loads of less than 10 N
(currently limited by the maximum force capacity of the load cell). While this limitation could be
addressed through use of higher capacity load cells, the linear actuators and ABS plastic actuator
arms and grips further limit the maximum force capacity. The size 14 linear actuators used here have
a maximum force capacity of 222 N. Given that ABS has a reported Young’s Modulus in tension of
about 1,600 MPa and tensile yield stress of 39 MPa [305], it is unlikely that the ABS actuator arm
noticeably deforms under the small loads applied during in vitro culture or mechanical evaluations.
Based on the cross-sectional area of the actuator arm (6-mm diameter) and 30% in-fill used during
3DP, we estimate the strain in the actuator arm at the maximum load cell capacity (10 N) to be
approximately 0.0066% and 300 N would be required to reach the yield point. However, for
mechanically evaluating larger tissues, a traditional materials testing load frame (e.g., an Instron)

would be more appropriate.

In conclusion, we demonstrated a method for the design and fabrication of a functional, low-
cost, and highly customizable 3D printed mechanical bioreactor that is useful for applications in
mechanobiology and tissue engineering. Our system was able to evaluate the mechanical properties of
small soft tissues (tail tendon fascicles) and engineered tissue scaffolds. Additionally, our bioreactor
was successfully used to mechanically stimulate stem cells in culture for 3 days, demonstrating its
value for in vitro cell culture. Future studies using this bioreactor system will focus on longer-term

cell culture and evaluating the influence of mechanical stimuli on engineered tissue formation.
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Chapter 5: TGFB2-induced tenogenesis impacts cadherin and connexin

cell-cell junction proteins in mesenchymal stem cells.

Theodossiou SK, Tokle J, Schiele NR. TGFp2-induced tenogenesis impacts cadherin and connexin
cell-cell junction proteins in mesenchymal stem cells. Biochemical and Biophysical Research

Communications 508:3 (2018) 889-893.

Abstract

Tenogenic differentiation of stem cells is needed for tendon tissue engineering approaches. A
current challenge is the limited information on the cellular-level changes during tenogenic induction.
Tendon cells in embryonic and adult tendons possess an array of cell-cell junction proteins that
include cadherins and connexins, but how these proteins are impacted by tenogenic differentiation is
unknown. Our objective was to explore how tenogenic induction of mesenchymal stem cells (MSCs)
using the transforming growth factor (TGF)B2 impacted protein markers of tendon differentiation and
protein levels of N-cadherin, cadherin-11 and connexin-43. MSCs were treated with TGFB2 for 21
days. At 3 days, TGFB2-treated MSCs developed a fibroblastic morphology and significantly
decreased levels of N-cadherin protein, which were maintained through 21 days. Similar decreases in
protein levels were found for cadherin-11. Connexin-43 protein levels significantly increased at 3
days, but then decreased below control levels, though not significantly. Protein levels of scleraxis and
tenomodulin were significantly increased at day 14 and 21, respectively. Taken together, our results
indicate that TGFpB2 is an inducer of tendon marker proteins (scleraxis and tenomodulin) in MSCs
and that tenogenesis alters the protein levels of N-cadherin, cadherin-11 and connexin-43. These
findings suggest a role for connexin-43 early in tenogenesis, and show that early-onset and sustained

decreases in N-cadherin and cadherin-11 may be novel markers of tenogenesis in MSCs.

Introduction
Tendons are musculoskeletal tissues that transfer forces from muscle to bone, and are
essential to locomotion and movement. Tendons are frequently injured and have poor healing ability
[306, 307]. Loss of function and re-rupture are common following tendon injury, and motivate
regenerative tissue engineering strategies using stem cells. Mesenchymal stem cells (MSCs) have
promise for tissue engineering based on their potential to differentiate into several musculoskeletal
tissue lineages [308], including tendon [4-6, 9, 49, 201]. However, limited understanding of tenogenic

differentiation (tenogenesis) is a challenge for using stem cells in tendon tissue engineering
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approaches. Tenogenesis appears to be influenced by several biochemical [6] and mechanical [9]
factors, and their combined effects [49, 201], but their impacts on MSC behavior are not fully

understood.

Mature and developing tendons contain cells that are linked via cadherins and connexins
(cell-cell junction proteins). Cadherins (cad) can complex with each other, bind to the intracellular
actin cytoskeleton, sense forces, and trigger downstream signaling cascades [199]. Adult and
embryonic tendon cells have been found to possess N-cad and cad-11 [42, 236]. Cad-11 may be
necessary for regulation of cell condensation, shape, and alignment in the developing embryonic
tendon [42]. Connexins (i.e., gap junctions) allow the intercellular exchange of ions and small
molecules by forming direct channels between the cytoplasm of adjacent cells. In tendon, connexins
(cxn) are mechanotransducers capable of altering cellular activity in response to loading [230, 242].
Cxn-43 has been found in adult [197, 309] and embryonic tendons [231], and limb buds [232]. Cells
in mature tendon appear to communicate via cxn-43 and cxn-32, which link cells in a 3-dimensional
network that can collectively respond to mechanical stimuli [197]. Taken together, developing and
mature tendon cells possess N-cad, cad-11 and cxn-43 cell-cell junction proteins, but there is limited

information on how these proteins are altered by tenogenic induction in MSCs.

The three isoforms of transforming growth factor (TGF)B, 1, 2, and 3, all affect
musculoskeletal tissues, but have distinct effects on differentiation and cell behavior. TGFB1 is
involved in extracellular matrix remodeling and collagen secretion during tendon healing and scar
formation [310]. TGFB1 [265, 311] and TGFf3 are inducers of chondrogenesis and cartilage
formation [312-314]. TGFp2 appears to be tenogenic: it upregulated tenogenic gene expression in
MSCs [49, 53], was found in embryonic tendon [47], maintained tenogenic commitment of
embryonic tendon cells [31], and induced tenogenic markers in vivo [315]. Thus, TGFpB2 is an

especially promising tenogenic growth factor.

To evaluate tenogenic differentiation, a few markers have been identified. Scleraxis (Scx) is a
transcription factor upregulated during early embryonic tendon formation and is necessary for
tenogenic commitment of tendon progenitor cells [28]. Tenomodulin (Tnmd) is thought to be a late
stage tendon marker, is highly expressed in adult tendons, and is regulated by Scx [32, 33]. Tenascin-
C (TNC) is a glycoprotein present in developing and adult tendons [41]. Alongside these protein
markers, cell morphology serves as additional evidence of tenogenic differentiation. /n vivo,
tenogenically differentiating embryonic tendon progenitor cells possess a highly organized actin

cytoskeleton network [37], similar to adult tendon cells [236]. At present, it is not known if
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biochemical factors such as TGFB2 can initiate changes to actin organization that lead to a more

tendon-like appearance in MSCs.

The objective of this study was to investigate how TGF2 affects cell-cell junctions and
tenogenic marker protein production, as well as actin cytoskeleton organization in MSCs. We
hypothesized that tenogenesis of MSCs results in altered levels of cell-cell junction proteins.
Therefore, we examined proteins levels of N-cad, cad-11, and cxn-43, as well as tendon marker
proteins Scx, Tnmd, and TNC throughout 21 days of TGFp2 treatment. We demonstrated pronounced
morphological changes in TGFp2-treated MSCs, as well as significant changes in cell-cell junction
protein levels as early as day 3, and significant increases in tenogenic marker proteins at day 14 and
21. Our results indicate that TGFB2-induced tenogenesis impacts the cell-cell junctions produced by

MSCs.

Methods and Materials
Cell Culture and TGFB2 Supplementation

Murine MSCs (C3H10T1/2, ATCC, Manassas, VA), a model MSC used in prior studies
investigating tenogenesis [31, 91], were cultured in standard growth medium (Dulbecco’s Modified
Eagle’s Medium (DMEM), 10% fetal bovine serum (FBS), and 1% Penicillin/Streptomycin) until
70% confluent, and used between passage 3 and 9. MSCs were trypsinized, and 5000 cells/cm? were
seeded into each well of a 12-well plate and incubated for 24 h to allow for initial cell attachment.
Cells were washed with warmed phosphate buffered saline (PBS) (Gibco, Grand Island, NY), the
medium was switched to low-serum medium (DMEM, 1% FBS, 1% Penicillin/Streptomycin), and
allowed to equilibrate for 24 h. Cells were rinsed with warm PBS and cultured for 3, 7, 14, and 21
days (d) in low-serum medium (controls) or low-serum medium supplemented with 50 ng/mL
recombinant human TGFB2 (PeproTech, Rocky Hill, NJ). The medium was changed every third day.

Experiments were repeated a minimum of 3 times.

Western Blot Analysis

Cells were collected for western blot (WB) analysis in RIPA cell lysis buffer and HALT
protease inhibitor (Invitrogen, Carlsbad, CA). Sodium dodecyl sulfate (SDS) was added at a 1:1 ratio
and samples were sonicated, heated to 100° C for 5 minutes, and loaded into Novex Wedgewell 4-
20% Tris Glycine Mini Gels (Invitrogen). To normalize total protein content (due to increased cell

proliferation with TGFp2 treatment), 20 pL of control and 10 pL of treated cell lysate were loaded per
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lane. Cell lysate collected from each well of the 12-plate was run in its own lane (3 wells of each
condition were run per individual experiment). Samples probed for TNC required 4-12% Tris Glycine
gels (Invitrogen) due to the large protein size, and were run in duplicate, though all 3 wells of each
condition were tested for each experiment and are included in the densitometry data. Following
electrophoresis, gels were transferred to nitrocellulose membranes (Invitrogen), blocked in 5% milk
in tris buffered saline (Boston Bioproducts, Ashland, MA) with 0.1% Tween20 (TBST) (Acros
Organics, Morris Plains, NJ), and incubated overnight at 4° C on an orbital shaker with appropriate
primary antibodies in 5% bovine serum albumin (BSA) in TBST. Primary antibodies raised in rabbit
were purchased for N-cad, cxn-43, B-actin (Abcam, Cambridge MA), cad-11 (Cell Signaling
Technologies, Danvers, MA), Tnmd, Scx, and TNC (Invitrogen), and used at concentrations of
1:1000 to 1:10,000. Blots were washed 3x for 5 min in TBST and incubated for 1 h at room
temperature with goat anti-rabbit HRP-linked secondary antibody (Invitrogen). Blots were then
washed in TBST, developed using ECL chemiluminescence reagents (Invitrogen), imaged (Syngene,
Frederick, MD), and analyzed via band densitometry in ImageJ (NIH, Bethesda, MD), with all

intensities normalized to their respective f-actin bands.

Fluorescence Staining and Confocal Microscopy

To observe changes in cell morphology, cells were cultured and supplemented with TGFB2 as
described above, but on glass coverslips. At 3, 7, 14, and 21d the medium was removed, cells were
rinsed with PBS, and fixed in 10% formalin overnight at 4° C. Cells were washed with PBS,
permeabilized with 0.1% Triton-X (Acros Organics), and stained with FITC-phalloidin and 4,6-
Diamidino-2-phenylindole (DAPI) (Life Tech., Waltham, MA) to observe the actin cytoskeleton and
cell nuclei, respectively. Coverslips were mounted on slides and imaged on a spinning-disk confocal

microscope (Nikon/Andor, Melville, NY).

Statistical Analysis

Proteins were initially normalized to their respective -actin bands. Since not all timepoints
and experiments could be run on the same gel, TGFp2-treated groups were normalized to their
respective controls at each day, and analyzed using 2-tailed, unpaired t-tests (Prism 8, GraphPad,

LalJolla, CA). Significance was set at p<0.05. Results are reported as mean =+ standard deviation.
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Results
TGFp2 induced a fibroblastic morphology in MSCs

MSC morphology appeared fibroblastic when treated with TGFB2, compared to controls
(Figure 5.1). As early as 3d after TGFB2 treatment, the actin cytoskeleton appeared more elongated
and the MSCs were less circular (Fig. 5.1 A, B). This trend continued at 7d, accompanied by
increased cell proliferation (Fig. 5.1 C, D). At 14 and 21d, control cells continued to proliferate and
showed some level of localized actin filament alignment, but largely resembled earlier timepoint
controls (Fig. 5.1 E, G). TGFB2-treated cells appeared to have a high degree of local actin
cytoskeleton alignment and elongation, along with a visible increase in cell number at 14 and 21d

(Fig. 5.1 F, H), compared to controls.

21d

TGFB2

Figure 5.1 Representative images (20x) of TGFp2-treated MSCs.

Actin cytoskeleton (green) and cell nuclei (blue) are shown in MSCs at 3, 7, 14, and 21d (A-H). TGFp2-
treated MSCs (B, D, F, H) had increased proliferation, and appeared more fibroblastic and elongated,
compared to controls (A, C, E, G).
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TGFp2 induced tenogenic marker proteins and altered cell-cell junction levels in MSCs

TGFp2 treatment significantly increased levels of tenogenic marker proteins Scx and Tnmd,
compared to untreated controls (Fig. 5.2 C, D). In TGFB2-treated MSCs, Scx trended higher at 3
(p=0.08) and 7d (p=0.1), and was significantly increased at 14d (p<0.0001) and 21d (p=0.001),
compared to controls. From 3 to 14d, Tnmd trended higher (p=0.07-0.09) and was significantly
higher at 21d (p=0.0004). TNC was not detected until 14 and 21d, and showed similar levels in

control and treatment groups (Fig. 5.2 E).
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Figure 5.2 Representative WB images of tendon marker proteins produced by MSCs.

WB showed increases in Scx, Tnmd, and TNC following 3d, 7d (A), 14d, and 21d (B) of TGFB2 treatment.

Quantified band densitometry showed significant increases in Scx (C) and Tnmd (D), while TNC (E) levels

were similar to controls. All bands were normalized to -actin and to their respective timepoint controls. * =
p<0.05, ** = p<0.01, *** = p<0.001, **** = p<0.0001. Mean =+ standard deviation.

Significant changes were also observed in the levels of cell-cell junction proteins with TGFp2
treatment (Fig. 5.3). In TGFB2-treated MSCs, N-cad protein levels decreased significantly at 3
(p=0.0006), 7 (p=0.009), 14 (p=0.01), and 21d (p=0.0008), compared to controls (Fig. 5.3 C).
Similarly, cad-11 protein levels (Fig. 5.3 D) were significantly decreased at 3 (p=0.02), 7 (p=0.0003),
14 (p=0.0007), and 21d (p=0.03). Cxn-43 protein levels increased significantly at day 3 (Fig. 5.3 E,
p=0.0039), and then trended lower at all other timepoints (p=0.1-0.3), compared to untreated controls.
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Figure 5.3 Representative WB images of cell-cell junction proteins produced by MSCs.

WB showed decreases in N-cad and cad-11, and changes in cxn-43 following 3d, 7d (A), 14d, and 21d (B) of
TGFp2 treatment. Quantified band densitometry showed significant decreases in N-cad (C) and cad-11 (D),
while cxn-43 increased at 3d (E). All bands were normalized to B-actin and to their respective timepoint
controls. * = p<0.05, ** = p<0.01, *** = p<0.001, **** = p<0.0001. Mean + standard deviation.

Discussion

Cell-cell junction proteins modulate cell migration, differentiation, adhesion, and
communication [199], but their role in tenogenesis has not been identified. We demonstrated that
tenogenic induction in MSCs by TGFp2 resulted in significant changes in the levels of cell-cell
junction proteins (Fig. 5.3). Tenogenic induction was determined by elevated protein levels of Scx
and Tnmd (Fig. 5.2) and development of fibroblastic morphology (Fig. 5.1). As cell-cell junction
proteins are involved in differentiation and formation of other musculoskeletal tissues [261, 266], the
decreases in N-cad and cad-11, and initial increase in cxn-43, are noteworthy. Our results suggest that

these cell-cell junctions may play a role in tenogenesis.

Defining the exact set of marker proteins to determine when MSCs are tenogenically
differentiated is a challenge in itself. Of the various tendon markers, Scx and Tnmd have been
repeatedly linked to tenogenic differentiation [28, 30, 31, 167]. To our knowledge, this is the first
study to demonstrate Scx and Tnmd protein production in TGFp2-treated MSCs over 21d (Fig. 5.2 A-
D). Significant increases in Scx and Tnmd protein levels, coupled with the development of

fibroblastic morphology (Fig. 5.1), suggest that TGFB2 effectively induced tenogenic differentiation
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in MSCs. Our findings in TGFp2-treated MSCs support prior studies that found Scx upregulated early
in tenogenesis [31]. Tnmd is a late stage marker of tenogenesis [30], and consistent with this, we
found Tnmd to increase at day 21. Tnmd appeared to increase only after the initial increase in Scx at
day 14. Another potential tendon marker, TNC, was undetected at 3d and 7d and produced at similar
levels at 14d and 21d by control and treated MSCs (Fig. 5.2 E). In prior studies, TNC was found in
adult tendon and increased in response to injury [316, 317], but it is not known to be a specific early
stage tendon marker. Based on TNC, it is possible that the MSCs are not terminally differentiated by
21d, or that TNC is not a specific tenogenic marker. The observed accompanying changes in N-cad,
cad-11 and cxn-43 protein levels may provide a novel, additional set of marker proteins to indicate

tenogenic induction in MSCs.

Cadherins have been found to regulate chondrogenesis and osteogenesis. N-cad has been
shown to direct chondrogenesis in the developing limb bud and in MSCs [259, 260, 265, 266, 270].
N-cad is required for early mesenchymal cell condensation and N-cad levels peak within the first 24
hours of chondrogenic induction [260], but decrease significantly by day 3 of development in the
chick limb [259]. TGFB1 has been shown to drive chondrogenesis in human mesenchymal progenitor
cells by modulating N-cad to influence cell condensation [265]. TGFB1 supplementation led to an
initial increase in N-cad, followed by a decrease in N-cad, as cells committed to a chondrogenic fate,
while N-cad disruption led to severe disruptions in cartilage formation [265]. Our results show that
TGFp2 treatment decreased N-cad protein in MSCs, but without the initial increase seen in prior work
with TGFB1. This newly identified distinction may be unique to tenogenesis or to the impact of
TGFP2 treatment, or related to both. However, when comparing tenogenesis to chondrogenesis, our
findings suggest a similarity of decreased N-cad at later stages of differentiation [265]. The
combinatorial effects of N-cad and cad-11 have been found in osteogenic differentiation and
modulation of bone growth, as evidenced by the severe phenotypic deficiencies of double knockout
mice lacking these cadherins [268]. Independently, N-cad appears to promote osteogenic induction of
human MSCs [269], and N-cad is expressed in mature osteoblasts [271]. However, N-cad
overexpression limits further osteogenesis [272]. Cad-11 also appears to play an osteogenic role
during development, with reduced osteoblast differentiation and bone density observed in cad-11
knockout mice [261]. However, cad-11 may also be needed for cell condensation in tendon
development [42, 44]. Up until now, how cad-11 changes during tenogenesis was unknown. Our
results suggest cad-11 production is lowered with tenogenesis, a reasonable observation given its
osteogenic capabilities, but cad-11 does not decrease to the nearly undetectable levels of N-cad,
which supports prior evidence that cad-11 is involved in tendon formation [42]. Taken together, the

dramatic and rapid (by 3d) decrease in N-cad following TGFP2 treatment is a novel finding. The
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persistence of almost undetectable levels of N-cad in TGFB2-treated MSCs during 21d of culture
suggests that N-cad levels decrease during tenogenesis, possibly distinguishing this process from
differentiation toward alternative lineages, such as bone. Based on our findings, it is possible that N-
cad and cad-11 are involved in tenogenic induction, but their role in regulating tenogenic markers will

need to be identified in future studies.

Significant changes were also observed in cxn-43 protein levels. Cxn-43 was significantly
higher in TGFB2-treated MSCs at 3d, and then trended lower at later timepoints, compared to controls
(Fig. 5.3 E). Communication via cxn-43 has been proposed as a differentiation-guiding mechanism of
cartilage and tendon during embryonic limb development [232]. In adult tendons, cxn-43 was found
localized to where cell processes meet as well as between cell bodies [197]. Cxn-32 was also found in
adult tendon, but only between cell bodies. Both cxn-43 and cxn-32 have been implicated as
mechanotransducers in tendon cells and may mediate stimulatory or inhibitory effects on collagen
production in response to tensile loading [230, 242]. Future studies will aim to identify the effects of
tenogenic induction on additional gap junction proteins (e.g., cxn-32) and cxn-43 by combining
mechanical stimulation of cells with TGFB2 supplementation. Mechanical stimuli are also thought to
regulate tenogenesis [5], but the mechanotransductive signaling pathways are still not fully
understood. It is possible that the TGFB2 pathway in coordination with cadherins and connexins may

play a role in mechanotransduction, and will be investigated in future studies.

In conclusion, our results highlight the impact of TGFB2 on tenogenesis and identify novel
changes in N-cad, cad-11 and cxn-43. A limited understanding of the many factors involved in
tenogenesis and tendon development has been a challenge for stem cell-based tissue engineering
approaches. The levels of these cell-cell junction proteins may be used as additional markers to assess
tenogenic induction of MSCs. Future work to understand how cell-cell junctions mediate the response
of stem cells to biochemical and mechanical factors is needed to direct tenogenesis and inform tendon

tissue engineering strategies.
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Chapter 6: Onset of Neonatal Locomotor Behavior and the Mechanical

Development of Achilles and Tail Tendons

Theodossiou SK, Bozeman A, Burgett N, Brumley MR, Swann H, Raveling AR, Becker JJ, Schiele
NR. Onset of neonatal locomotor behavior and the mechanical development of Achilles and tail

tendons. Journal of Biomechanics. 2019 November; 96:109354.

Abstract

Tendon tissue engineering approaches are challenged by a limited understanding of the role
mechanical loading plays in normal tendon development. We propose that the increased loading that
developing postnatal tendons experience with the onset of locomotor behavior impacts tendon
formation. The objective of this study was to assess the onset of spontaneous weight-bearing
locomotion in postnatal day (P) 1, 5, and 10 rats, and characterize the relationship between
locomotion and the mechanical development of weight-bearing and non-weight-bearing tendons.
Movement was video recorded and scored to determine non-weight-bearing, partial weight-bearing,
and full weight-bearing locomotor behavior at P1, P5, and P10. Achilles tendons, as weight-bearing
tendons, and tail tendons, as non-weight-bearing tendons, were mechanically evaluated. We observed
a significant increase in locomotor behavior in P10 rats, compared to P1 and P5. We also found
corresponding significant differences in the maximum force, stiffness, displacement at maximum
force, and cross-sectional area in Achilles tendons, as a function of postnatal age. However, the
maximum stress, strain at maximum stress, and elastic modulus remained constant. Tail tendons of
P10 rats had significantly higher maximum force, maximum stress, elastic modulus, and stiffness
compared to P5. Our results suggest that the onset of locomotor behavior may be providing the
mechanical cues regulating postnatal tendon growth, and their mechanical development may proceed
differently in weight-bearing and non-weight-bearing tendons. Further analysis of how this loading
affects developing tendons in vivo may inform future engineering approaches aiming to apply such

mechanical cues to regulate engineered tendon formation in vitro.
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Introduction

Tendons transfer mechanical forces from muscle to bone, and are critical for movement and
locomotion. Frequent injury and poor healing are key motivators for tendon tissue engineering. To
advance tendon tissue engineering, there is a need to better understand the processes that regulate
normal tendon development. Tendon development can be characterized by describing the mechanical
properties, but there is limited information available on how the mechanical properties of tendon
progress during typical development. Structure-function relationships in developing and mature
tendon have been reviewed [318, 319], though few studies have characterized early postnatal tendons.
Previous studies demonstrated that the mechanical properties of developing tendon increase
throughout embryonic [9, 40] and postnatal growth [39, 320]. In chick models, significant increases
were observed in the ultimate tensile stress of extensor tendons [83] and elastic modulus of calcaneal
tendons [40] between embryonic developmental stages (e.g., Hamburger and Hamilton (HH) stages)
HH 42 and 43, and HH38 and 43, respectively. In developing mice, linear region stiffness and elastic
modulus of Achilles tendons (ATs) increased with age from postnatal day (P) 4 to 28 [39]. In humans,
children aged 8-10 years and adults aged over 19 years had higher AT stiffness and elastic modulus,
compared to children aged 5-7 [321]. Collectively, these findings illustrate that the mechanical
properties of tendon change throughout embryonic and postnatal development. However, many of the
mechanical and biochemical factors that regulate tendon formation during development remain

unknown.

Unlike ATs, tail tendons (TTs) are regarded as force-transmitting, but primarily non-weight-
bearing tendons, whose main function in rats and most mice is to position the tail [322, 323]. In
mutant embryonic mice null for scleraxis, a transcription factor and regulator of tenogenesis [28],
development differed between force-transmitting (forelimb flexors, long trunk, tail) and muscle-
anchoring (short-range anchoring, intercostal) tendons, suggesting distinctions in the developmental
processes of various tendons [30]. Although TTs are considered non-weight-bearing, they were also
impacted by scleraxis loss-of-function, much like the force-transmitting limb tendons [30]. While
mechanical properties of adult mouse [66, 302, 324] and rat TTs have been evaluated [325, 326], it is
unknown how the mechanical development of TTs differs from weight-bearing tendons, such as the

ATs.

Tissue engineering studies show that mechanical stimulation regulates tendon formation in
vitro [4, 5, 44, 45, 84, 91, 93-95, 201-203, 327]. Mechanical loading of cells in scaffolds enhanced
collagen fibril quantity and diameter, elastic modulus, and ultimate tensile stress [84], and collagen

type I and III gene expression [93, 94]. Mechanically stimulated stem cell-seeded scaffolds increased
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maximum force, linear region stiffness, maximum stress, and elastic modulus of rabbit patellar tendon
defects, compared to static controls [95]. These results suggest that mechanical loading impacts cell
behavior and directs functional tendon tissue formation in vitro, but there is limited information on

how mechanical stimulation impacts developing neonatal tendons in vivo.

Embryonic movement is a source of prenatal mechanical stimulation that may contribute to
the correct development of musculoskeletal tissues [9, 11, 101, 328-331]. Tendon development in
chick, mouse, and human is disrupted when embryonic movement is restricted or absent [11, 12, 332-
334]. Muscle-less mice develop early-stage condensations of tendon progenitor cells that are
subsequently lost by embryonic day 13.5, and this loss may be attributed to a lack of mechanical
stimulation from the developing muscles [11]. While movement in the embryo is important for tissue
formation, the effects of mechanical stimulation on postnatal tendon development are not as well
understood, partly because changes in postnatal movement patterns and tissue formation have not

been characterized.

Throughout postnatal development, the mechanical loads that tendons experience are likely to
increase as locomotion and weight-bearing behaviors increase. However, it remains unknown how the
development of weight-bearing movement and locomotion in the neonate is associated with the
functional development of tendons. Existing research has focused mainly on adult tendon; one study
found that daily running uphill significantly increased the elastic modulus and maximum stress of the
AT [116]. Tendons may also adapt to increased mechanical loading in adolescent athletes with
increased stiffness [335]. Restriction of motion negatively impacts adult tendon mechanical properties
in humans [336], and in normal [337] and healing [338] rats. Based on these studies, we propose that
developmental changes in locomotion and weight-bearing increase loading of the musculoskeletal
system, and contribute to the increased mechanical properties of developing postnatal tendons. In this
study, we explored the relationship between the mechanical properties of neonatal rat tendons and
their locomotor behavior. Developing rats are an ideal model system because gradual and significant
changes occur in spontaneous posture and locomotion during the first two postnatal weeks.
Movement patterns shift from limited loading of the hindlimbs (i.e., crawling) at birth to expression
of weight-bearing quadrupedal walking by P10 [339]. To date, there is limited information on the

development of locomotor behavior in rats before P10.

We aimed to characterize the relationship between changes in spontaneous locomotor
behavior and mechanical properties of tendon. We hypothesized that developmental changes in
locomotion and weight-bearing influence the mechanical properties of tendon in postnatal rats. To

test this hypothesis, we measured the structural (maximum force, displacement at maximum force,



111

stiffness, cross-sectional area) and material (maximum stress, strain at maximum stress, elastic
modulus) properties of ATs and TTs, and the onset of weight-bearing locomotion as a function of age
in neonatal rats at P1, PS5, and P10. Evaluating weight-bearing and non-weight-bearing tendons
allowed us to compare changes in structural and material properties of tissue subjected to different

degrees of in vivo mechanical stimulation at the onset of locomotion.

Methods and Materials

Evaluation of weight-bearing locomotion

Subjects were offspring from Sprague-Dawley rats maintained in accordance with NIH
guidelines (National Research Council, 2011), and the institutional animal care and use committee.
To evaluate locomotion, rat pups were tested at P1, P5, or P10 (n=8 subjects per age). Subjects were
removed from the home cage with the dam and individually tested in a clear, 8-in by 8-in Plexiglas
box (i.e. open-field) to examine spontaneous locomotion. The open-field box was placed inside a
temperature- and humidity-controlled incubator to maintain conditions during testing (35°C at P1,
33°C at P5, 30°C at P10). All behavior was video recorded for 20-minutes from a lateral and dorsal
camera view, and stored on DVD. Following behavioral testing, subjects were euthanized via CO,
inhalation, the hindlimbs and tails were removed, packaged in saline-soaked gauze, and stored at -80°

C.

Scoring of spontaneous locomotor behavior was conducted during video-playback using
Datavyu (Version 1.3.4; Datavyu Team, 2014). Locomotor behaviors scored included non-weight-
bearing hindlimb activity (i.e., hindlimb kicking, pivoting, crawling with inactive hindlimbs), partial
weight-bearing of the hindlimbs (i.e., partial rearing and hindlimb-active crawling), and full weight-
bearing hindlimb activity (i.e., walking, standing, and full rearing). One person scored all of the
videos. Intra- and interrater reliability with a standard file was >90%. Differences in durations of each
behavior category with developmental age were analyzed with one-way analysis of variance

(ANOVA) and Tukey’s post-hoc test. Significance was set at p<0.05.

Evaluation of mechanical properties

To evaluate tendon mechanical properties, one AT per animal from P1 (n=4), PS5 (n=5-7), and P10
(n=6-11) Sprague-Dawley rats was thawed and dissected in saline. Ranges in n-numbers (P5 and P10

ATs) are due to some missing images preventing calculation of cross-sectional area and subsequent
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determination of material properties, though structural properties were still obtained. After the skin
was removed, the muscles and fascia were teased away from the tibia and the fibula, exposing the
AT. The tendon was isolated from the limb while maintaining the myotendinous junction at the
gastrocnemius muscle and the insertion at the calcaneus. The myotendinous junction and calcaneus
bone were mounted facing anteriorly into our custom small-scale tensile load frame with
cyanoacrylate [89]. A 500 g capacity load cell (Honeywell, Columbus, OH) measured force, and
custom LabVIEW software (National Instruments, Austin, TX) recorded force and displacement data.
Front and side view images of each tendon were obtained using a digital camera (Thorcam
DCC1645C, Thorlabs, Inc, Newton, NJ). Tendon length and width were measured using ImageJ
(NIH, Bethesda, MD). ATs are wider mediolaterally than anteroposteriorly, so consistent with
previous studies [340], ATs were assumed to have an elliptical cross-section. Cross-sectional area
was calculated using the narrowest front and side view width of the ATs, whose longitudinal location
coincided in both views. ATs were preloaded to 0.05 N, preconditioned with 10 cycles of loading to
1% strain, and pulled to failure at 0.1 mm/s. ATs and TTs were kept hydrated with saline throughout
testing. Maximum stress, strain at maximum stress, linear elastic modulus, and linear stiffness were
calculated from the force-displacement curves and cross-sectional areas. The linear region was
determined from the slope of a line fit to curves that had a R? > 0.90 (R*= 0.976 + 0.023,
supplementary figure S6.1). Differences with developmental age were evaluated using a one-way

ANOVA and Tukey’s post-hoc test.
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Supplementary Figure 6.1 Linear regions of postnatal rat Achilles and tail tendon stress-strain curves.

A) Representative stress-strain curve of a P10 Achilles tendon with the linear region selected (dark gray) and
the modulus fit showing (dotted line). B) Representative stress-strain curve of a P10 tail tendon with the
linear region selected (dark gray) and the modulus fit showing (dotted line). R? values are shown for the
trendlines.
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TTs from P5 (n=7) and P10 (n=8) rats were dissected in saline using methods previously described
[325]. Briefly, whole TTs were grasped at the proximal end of the skinned tail and gently removed.
TTs were secured with cyanoacrylate into cardboard c-clamps to hold the tissues during mounting in
the load frame. The c-clamps were cut following mounting. TTs were measured using ImageJ as
described for ATs, but TTs were assumed to have a circular cross-section based on previous studies
[325, 341] and using the narrowest diameter (measured three times and averaged) from the side view
of the mounted TTs. A preload of 0.01 N for P5 tendons and 0.05 N for P10 TTs was applied to
remove the slack. TTs were not preconditioned due to their fragility. TTs were pulled to failure at 0.1
mm/s and force was measured using a 150 g capacity load cell (Honeywell). TTs were evaluated with

unpaired, two-tailed t-tests. Significance was set at p<0.05.

Results

Weight-bearing locomotor behavior increases with age

Spontaneous locomotion increased from P1 to P10 (Figure 6.1 A-D). Durations of locomotion
significantly increased from P1 to P10 (p=0.002) (Figure 6.1 A). P10 rats showed significantly more
non-weight-bearing hindlimb activity compared to P1s (p=0.003) and P5s (p=0.005) (Figure 6.1B).
Specifically, P10 rats showed significantly more pivoting than P1s (p=0.001) and P5s (p=0.001).
Differences in hindlimb kicks and crawling (without hindlimbs) across ages were not significant.
Partial weight-bearing hindlimb activity increased significantly (p<0.001) during the first 10 postnatal
days, with P10s exhibiting significantly more hindlimb-active crawling than P1s (p=0.001) and P5s
(p=0.003) (Figure 6.1 C). Only P10 showed partial rearing. For full weight-bearing hindlimb
locomotion, the effect of age was not significant (p=0.140); however, only P10 pups showed any full
weight-bearing behavior (Figure 6.1 D). There were no significant differences in any category of

weight-bearing locomotion between P1 and P5.
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Figure 6.1 Spontaneous locomotion in postnatal rats, when tested in an open field.

A) Durations of non, partial, and full weight-bearing spontaneous locomotion across developmental age. B)
Categories of non-weight-bearing locomotion (hindlimb kicking, pivoting, and crawling with inactive
hindlimbs). C) Categories of partial weight-bearing locomotion (hindlimb active crawling and partial
rearing). D) Categories of full weight-bearing locomotion (walking, full rearing, and standing). Only P10 rats
showed any full weight-bearing behavior. Lines denote significant differences between groups. Bars show
mean durations; vertical lines depict SEM.

Achilles tendon mechanical properties

Average mechanical properties of rat tendons and gauge lengths are listed in Table 6.1. All samples
included in the data analysis failed at the midsubstance. Representative force-displacement and stress-
strain curves of P1, P5, and P10 ATs showed changes with age (Figure 6.2 A, 6.3 A). The maximum
force, displacement at maximum force, stiffness, and cross-sectional area of ATs increased as a
function of age (Figure 6.2 B, C, D, E). Maximum force for P10 ATs was significantly higher
compared to P1 (p=0.0001) and P5 (p=0.0004) (Figure 6.2 B). Displacement at maximum force was
significantly higher for P10 ATs compared to P1 (p=0.0032) and P5 (p=0.0046) (Figure 6.2 C).
Stiffness was significantly higher for P10 ATs compared to P1 (p=0.03) (Figure 6.2 D). Cross-
sectional area of P10 ATs was significantly larger than P1 (p=0.0023) and P5 (p=0.0016) ATs (Figure
6.2 E). Elastic modulus of P10 ATs trended lower than P5 (p=0.06), while maximum stress and strain

at maximum stress remained consistent between age groups (Figure 6.3 B, C, D).



Table 6.1 Mechanical properties of P1, P5, and P10 rat ATs, and P5 and P10 rat TTs (mean +/- standard deviation)

Tendon | Max force | Displacement | Stiffness Max stress | Strain at Elastic Cross- Mechanical
N) at max force | (N/mm) (MPa) max stress | modulus sectional area | testing sample
(mm) (mm/mm) | (MPa) (mm?) gauge length
(mm)

P1 AT | 0.31+0.16 | 0.63+0.22 0.68+0.43 0.56+0.34 | 0.47+0.21 | 1.64+1.14 | 0.61+0.31 0.89+0.46

P5 AT | 0.91+0.27 | 0.924+0.34 1.66+0.78 1.04+0.030 | 0.50+0.18 | 2.64+1.02 | 0.66+0.62 1.55+0.29
P10 2.65+1.03 | 2.04+0.82 2.18+1.15 0.94+0.66 | 0.68+£0.28 | 1.21+0.60 | 3.50+1.45 3.17+1.40

AT

P5TT | 0.30+0.18 | 1.594+0.74 0.26+0.16 1.15+£0.55 | 0.61+£0.29 | 2.66+1.57 | 0.27+0.12 2.89+1.23
P10 TT | 0.66+0.17 | 1.6940.58 0.50+0.21 3.23+2.33 | 0.40£0.19 | 10.33+£6.48 | 0.31£0.15 4.76£1.63

SII
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Figure 6.2 Postnatal rat Achilles tendon structural properties.

A) Representative force-displacement curves of P1, PS5, and P10 Achilles tendons. B) Maximum force, C)
displacement at maximum force, D) stiffness, and E) cross-sectional area. P10 Achilles tendons had
significantly increased structural properties, compared to P1 and P5. Lines denote significant differences
between groups. Bars represent mean * standard deviation.
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Figure 6.3 Postnatal rat Achilles tendon material properties.

A) Representative stress-strain curves of P1, PS5, and P10 Achilles tendons. B) Elastic modulus, C) maximum
stress, and D) strain at maximum stress. P10 Achilles tendon material properties remained relatively constant
between groups. Bars represent mean * standard deviation.

Tail tendon mechanical properties

Representative force-displacement and stress-strain curves of TTs showed increases from P5 to P10
(Figure 6.4 A, 6.5 A). The maximum force (p=0.0015), stiffness (p=0.027), elastic modulus
(p=0.009), and maximum stress (p=0.039) of P10 TTs were significantly higher than the
corresponding properties in P5 TTs (Figure 6.4 B, 6.4 D, Figure 6.5 B, C). No significant differences
were observed for displacement at maximum force, cross-sectional area, and strain at maximum stress

between age groups (Figure 6.4 C, E, Figure 6.5 D).
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Figure 6.4 Postnatal rat tail tendon structural properties.
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A) Representative force-displacement curves of P5 and P10 tail tendons. B) Maximum force, C)
displacement at maximum force, D) stiffness, and E) cross-sectional area. P10 tails tendons had significantly
increased structural properties, compared to P5 tail tendons. Lines denote significant differences between
groups. Bars represent mean * standard deviation.
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Figure 6.5 Postnatal rat tail tendon material properties.
A) Representative stress-strain curves of P5 and P10 tail tendons. B) Elastic modulus, C) maximum stress,
and D) strain at maximum stress. P10 tails tendons had significantly increased material properties, compared
to PS5 tail tendons. Lines denote significant differences between groups. Bars represent mean + standard
deviation.

Discussion

An attractive approach for tendon tissue engineering involves mimicking native tissue
development to produce functional constructs. A challenge has been limited information on how the
mechanical function of tendon forms during development, and the role mechanical loading plays in
tendon formation. Several developmental processes, including the onset of locomotion, may regulate
tendon formation. In this study, we examined how the onset of weight-bearing locomotion coincides
with changes in the structural and material properties of weight-bearing ATs and non-weight-bearing
TTs. We found increases in hindlimb weight-bearing locomotion behavior beginning between P1 and
P10. At the same time, structural properties (maximum force, displacement at maximum force,
stiffness, and cross-sectional area) of ATs increased significantly at P10, compared to P1 and P5,
whereas material properties (maximum stress, strain at maximum stress, and elastic modulus) did not.
Structural and material properties of TTs increased between P5 and P10. These findings suggest that

increased locomotor behavior coincides with neonatal AT growth and maintained material properties,
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and that the developmental mechanisms of the non-weight-bearing TTs may be unique from the

weight-bearing ATs.

Increased locomotion initiating between P1 and P10 may provide the mechanical loading
needed for regulating tendon growth. Narrowing down a specific time point during which important
developmental changes might arise is novel information that can aid in the search for potential
biomechanical cues to direct tenogenesis in vitro, or to stimulate repair in vivo. Previous
characterization of age-related locomotor patterns during postnatal development showed quadrupedal
walking is not consistent in rats until P10, and gradually increases in duration throughout the second
postnatal week [339]. The current finding that full weight-bearing locomotion was higher in P10s
than at earlier ages supports this, suggesting that the developmental range in which significant
mechanical stimulation of hindlimb tendons begins may be quite small, and initiated by mechanical
cues from this new movement pattern. Future work should examine the correlation between AT
mechanical properties and weight-bearing locomotion in rats during the second and third postnatal
weeks (i.e., time points with increased weight-bearing locomotion), to investigate dose effects related
to mechanical loading. Experimental manipulation of weight-bearing locomotion during the postnatal
period would further elucidate the coordination between locomotor behavior and musculoskeletal

development.

Changes in structural and material properties of neonatal tendon during the days immediately
following birth are less understood. To our knowledge, this is the first study assessing the mechanical
properties of rat ATs and TTs at these early postnatal ages. In rat ATs, we found significant increases
in structural properties, specifically maximum force and displacement at maximum force, while no
significant differences were found in the material properties (maximum stress, strain at maximum
stress, and elastic modulus). Our AT results are consistent with another study that found no
significant differences in the material properties of normally developing mouse ATs from P7 to P10
[39]. The significant increase in AT cross-sectional area at P10, compared to both P1 and P5 (Figure
6.2 E), could explain why material properties were unchanged. It is possible that increased
mechanical stimuli from initiation of weight-bearing behavior lead to lateral tissue expansion,
increasing cross-sectional area. The differences we observed in AT dimensions and structural
mechanical properties coincide temporally with changes in the collagen of rat ATs [342]. At P4,
extracellular matrix in the ATs became denser, and long parallel fibers with defined crimping were
visible by P7, though at the nanoscale, collagen fibril diameter did not appear to increase until P14
[342]. Similarly, collagen fibril diameter in postnatal mouse AT was significantly increased at P21,

compared to P4, 7, and 10 [39]. Together, these findings indicate that neonatal ATs are still immature



121

and the collagen structure is dynamic and developing. Weight-bearing loading may induce rapid
lateral expansion in neonatal ATs and hence increase the dimension-dependent structural properties
by P10, but underlying material properties have not yet been significantly impacted. Collagen cross-
linking influences elastic modulus [99, 343], and may be a regulator of material properties in
developing ATs. In neonatal ATs, significant increases in dimensions and structural properties may
couple with minimal material property changes, to ensure that tendon is responsive to mechanical
stimuli before becoming fully cross-linked and less adaptable. Future studies investigating collagen
fibril organization, cross-linking, diameter, and density from P1 to P10 and beyond may help to

identify impacts of weight-bearing loading on the collagen structure in ATs.

In contrast to AT, both structural and material properties of TTs increased significantly from
P5 to P10. Elastic modulus, stiffness, maximum stress, and maximum force were significantly higher
in TTs at P10, compared to P5. Since rat TTs are non-weight-bearing, they may experience a smaller
increase in mechanical loading as locomotion develops, and hence lateral tissue expansion proceeds
more slowly, leading to no significant increase in cross-sectional area at P10. Significant increases in
structural and material properties of TTs suggest a more rapid maturation, compared to ATs. Future

studies are needed to explore the mechanisms that regulate TT compared to AT development.

Neonatal rat tendons are challenging to mechanically test, as the tissues are small and soft,
requiring a small-scale load frame with low force-capacity load cells (e.g., 150 g), leading to some
limitations. Tendon isolation and mounting is difficult, and measuring their small cross-sectional
areas may be a source of some variability and error. To control for this, all tendons were evaluated in
the same way. Cross-sectional areas were measured multiple times and averaged, which reduces error
[341]. Neonatal AT is particularly challenging to evaluate. The AT is anterior to and overlaid by the
plantaris tendon, and composed of three different bundles [344]. To avoid damaging the tissue, the
plantaris tendon was not removed and the whole AT complex was used. Neonatal AT is also
relatively short, compared to its width, and may be prone to gripping artifacts. The tibialis anterior
(TA), another limb tendon, has an increased length to width ratio, and has been evaluated at P2 [345].
TA tendons may be evaluated in future studies. With regard to the TTs, we could only mechanically
evaluate P5 and P10 groups. P1 TTs were too small and fragile to reliably isolate from the tails and

mount into our load frame.

Finally, we did not control for sex during this study. At more mature ages, differences have
been detected in AT mechanical properties between male and female rodents [346, 347]. At younger

ages (4 weeks), body mass, collagen content, elastic modulus, and maximum stress have been shown
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to be similar between male and female, and no significant differences were found in TTs [347]. Sex

differences of the neonates likely did not affect our results, though future studies will control for sex.

Taken together, increased locomotor behavior coincides with AT growth and maintained
material properties, and development of non-weight-bearing TTs may be unique from the weight-
bearing ATs. Future studies will manipulate the mechanical environment during development to
better understand the impacts of locomotion-associated loading on tendon formation. Future
investigations will also explore the mechanisms driven by this interaction, and how the
developmental process may be different in weight-bearing and non-weight-bearing tendons. Overall,
we found a parallel increase in locomotor behavior and functional tendon formation, narrowing down
the postnatal time period during which locomotion may affect tendon development. New information
on the postnatal developmental timeline of rat tendon and the relationship between locomotion and
tendon mechanical properties will provide insights into how these processes occur during normal
development of the entire organism. These findings have implications for directing functional tendon

formation in engineered tissues.
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Abstract

Tendon tissue engineering approaches are challenged by a limited understanding of the role
mechanical loading plays in normal tendon development. Mechanical loading resulting from the
development of weight-bearing locomotor behavior may be required for proper tendon formation.
This study assessed development of the mechanical properties of energy-storing and positional
tendons, and concomitant changes in weight-bearing locomotion, in neonatal rats subjected to a low
thoracic spinal cord transection or a sham surgery at postnatal day (P)1. On P10, spontaneous
locomotion was video recorded and scored to determine non-weight-bearing, partial weight-bearing,
and full weight-bearing hindlimb movement. Achilles tendons (ATs), as energy-storing tendons, and
tail tendons (TTs), as positional tendons, were mechanically evaluated. Non- and partial weight-
bearing hindlimb activity decreased in spinal-transected rats compared to sham controls. No spinal-
transected rats showed full weight-bearing locomotion. ATs from spinal-transected rats had increased
elastic modulus, while cross-sectional area trended lower compared to sham rats. TTs from spinal-
transected rats had higher stiffness, while the cross-sectional area trended higher. Collagen structure
of ATs and TTs did not appear impacted by surgery condition, and no significant differences were
detected in the collagen crimp pattern. Our findings suggest that mechanical loading from weight-
bearing locomotor activity during development regulates neonatal AT lateral expansion and maintains
tendon compliance, and that TTs may be differentially regulated. The onset and gradual increase of
weight-bearing movement may provide the mechanical cues directing functional postnatal tendon

formation.

Introduction
Tendons are collagenous tissues that transfer mechanical forces from muscle to bone to enable
movement and locomotion. Tendons are frequently injured and heal poorly [3], making them an active

area of investigation for tissue engineering and regenerative medicine. A number of cellular [34, 52,
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53, 348-351], biochemical [52, 53, 57, 58, 226, 348, 349, 352], and mechanical [4, 5, 9, 84, 91, 93-95,
200-203, 327, 353] cues have been found to influence tenogenesis (e.g., tenogenic differentiation and
tendon formation) in vivo and in vitro, but there is a need to further understand how mechanical loading

regulates functional tendon formation.

Recent studies have characterized the mechanical properties of tendon throughout embryonic,
neonatal, and postnatal development to better understand their formation. Tendon mechanical
properties increase throughout development in embryonic chick [9, 40, 83], postnatal mouse [39] and
rat [233], and humans [321], but the factors driving these changes remain largely unknown. Mechanical
loading is involved in regulating tenogenic differentiation of stem cells, and it impacts collagen
production in vivo and in vitro [5, 91, 167, 354]. Mechanical loading from embryonic movement or the
onset of postnatal locomotion may be necessary for functional tendon development. /n vivo, mechanical
loading originates from contractions of the adjacent, concurrently forming skeletal muscles [11], and
increases as the embryo or neonate begins to move [12, 102, 106, 233]. Chick embryos subjected to
both rigid and flaccid paralysis at embryonic day (E)S.5, 6.5, and 7.5 had downregulated expression of
the tenogenic markers, scleraxis and tenomodulin, compared to non-paralyzed controls [52]. E15 chick
embryos subjected to rigid paralysis for 48 hours (h) had significantly reduced calcaneal tendon elastic
modulus by E17, along with reduced activity of lysyl oxidase, an enzyme that mediates the formation
of collagen crosslinks [12]. Conversely, induced hypermotility led to increased elastic modulus in E17
chick calcaneal tendons [12]. In Pax3 knockout mice (Pax3%°%5P%), which lack skeletal muscle, tendon
progenitor cells were identifiable before E12.5, but were lost without the mechanical stimulation from
the developing muscles [11]. Both acute (e.g., transection) and gradual (e.g., botulinum toxin (Botox)
injection) loss of mechanical loading led to apoptotic tendon cell death and loss of scleraxis expression
in the Achilles tendons of adult mice [167]. In a different study, Botox unloading led to increased
stiffness and collagen deposition in adult rat Achilles tendons [355]. Taken together, these studies
highlight the importance of mechanical loading for embryonic tendon development and adult tendon
maintenance. However, few studies have assessed the role of mechanical loading during postnatal

development.

Postnatal growth in rodents and humans is associated with the development of full weight-
bearing locomotor behavior [233, 339], suggesting that the developing tendons are exposed to
increasingly high levels of mechanical loading postnatally, especially compared to embryonic ages.
Though there are limited studies on how this locomotor development impacts postnatal tendon
formation, mechanical loading has been explored in the postnatal maturation of the enthesis (the

tendon-to-bone attachment). Mice receiving a Botox injection in their supraspinatus muscle at birth had
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decreased muscle volume and bone mineralization, and delayed fibrocartilage development in the
enthesis at postnatal day (P)21, 28, and 56, compared to controls that received saline injections [102].
In another study, enthesis development was disrupted in mice that received daily Botox injections in
their supraspinatus from birth (to paralyze the surrounding muscles), compared to non-injected controls
at P28 and P56 [101]. Maximum force and stiffness of the supraspinatus attachment decreased
following 4 and 8 weeks of Botox unloading, compared to controls, while tendon cross-sectional area,
tensile strength, elastic modulus, collagen fibril alignment, and toughness were also decreased [101].
Furthermore, cellular formation of the enthesis is disrupted with Botox unloading in postnatal mice.
Unloading significantly increased the numbers of Hedgehog (Hh)-responsive cells within the enthesis
of P7 to P56 animals, resulting in decreased fibrocartilage mineralization and disrupted enthesis
formation [106]. Results of these studies suggest that enthesis and tendon development require the

mechanical loading associated with normal movement.

We recently identified that increases in neonatal rat tendon mechanical properties coincide with
the increased locomotor behavior that occurs during the first 10 postnatal days [233]. Interestingly, the
observed increases in mechanical properties differed between the energy-storing, weight-bearing
Achilles tendons (AT) and positional, non-weight-bearing tail tendons (TT), possibly due to the
different mechanical loads these tendons experience as locomotion develops. Structural (maximum
force, displacement at maximum force, stiffness, and cross-sectional area) and material (maximum
stress, strain, elastic modulus) properties increased at different rates in the different tendon types.
Energy-storing ATs displayed significant increases in their structural properties during the first 10
postnatal days, while positional TTs had increased structural and material properties between P5 and
P10. Specifically, in ATs, maximum force, displacement at maximum force, and cross-sectional area
increased at P10, compared to P5 and P1, whereas in TTs, maximum force, maximum stress, elastic
modulus, and stiffness increased from P5 to P10. These changes coincided with a significant increase
in weight-bearing locomotion in P10 rats, compared to P1 and P5 [233]. Overall, our previous results
suggest that increased mechanical loading from the postnatal development of weight-bearing locomotor

behavior may differentially impact functionally distinct tendons.

Collectively, prior studies indicate that increased mechanical loading, possibly from the
developing locomotor behavior, may be contributing to the changes observed in the postnatal tendons,
and that tendons may respond to this loading differently based on their function. Disruption in the
development of locomotor behavior may lead to changes in tendon mechanical properties, but how the
onset of weight-bearing locomotion may affect developing neonatal tendon mechanical properties

remains unknown. We hypothesized that altering locomotion, and hence mechanical loading, would
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impact neonatal tendon development. To test this hypothesis, we evaluated the collagen structure and
measured the structural (maximum force, displacement at maximum force, stiffness, cross-sectional
area) and material (maximum stress, strain, elastic modulus) properties of energy-storing ATs and
positional TTs in P10 rats, following a neonatal spinal cord transection or sham surgery at P1. Prior
research has shown that a neonatal spinal transection significantly reduces, but does not eliminate,
hindlimb locomotor behavior in rats during early postnatal development [356]. Thus, we also assessed
changes in full, partial, and non-weight-bearing hindlimb movement during spontaneous open-field
locomotion on P10. Disrupting locomotor development in neonates and assessing the impact on
postnatal tendon mechanical properties provides novel insights into how the mechanical function of

tendon emerges during development.

Methods and Materials

Animals and spinal cord surgery

Subjects were female offspring of Sprague-Dawley rats acquired from Simonson laboratories.
Adult animals were socially housed and mated. Pregnant females were individually housed and closely
monitored during the week they were scheduled to deliver. On P1 (postnatal day 1; ~24 h after birth),
litters were culled to 8 pups. At that time, all pups remaining in the litter received a low thoracic spinal
cord transection, or a sham surgery. All pups within a litter received the same surgical treatment. On
P10, one female pup from a litter was randomly selected for behavioral testing. The animal colony
room was maintained in accordance with the NIH, Institutes on Laboratory Animal Resources, and
Idaho State University, Institutional Animal Care and Use Committee guidelines. Animals were

provided with ad /ibitum access to food and water and the room was kept on a 12h light:dark cycle.

To begin surgery on P1, rat pups were voided, weighed, and anesthetized via hypothermia. A
small incision was made to expose the lower thoracic and lumbar spine, and a partial laminectomy was
performed between T8 and T10. For animals in the transection group, the spinal cord was completely
cut at one spinal level (between T8-T10) and a collagen matrix was injected into the injury site. Rat
pups in the sham surgery group underwent all procedures except the transection cut and collagen
insertion. In both groups, animals received internal and external sutures and subcutaneous injections of
0.04 mg/kg of buprenorphine (50 pl) for analgesia and 9% saline to maintain internal fluid balance.
Pups were placed in an infant incubator to recover before being returned to the home cage with the
dam. The total time of separation from the dam was ~40 min. Pups remained with the dam in their

home cage until behavioral testing occurred on P10, and were monitored regularly to ensure recovery.
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Evaluation of weight-bearing locomotion

On P10, a total of 16 female rat subjects (8 spinal-transected + 8 sham) were tested in an open
field for measurement of spontaneous locomotion. Individual rat pups were placed in an 8” x 8 x 8”
Plexiglas box that was located inside a 30 °C infant incubator to maintain temperature. After a 30-min
acclimation period, spontaneous locomotion was recorded for 20 min from a lateral camera angle.
Following testing, subjects were euthanized via CO; inhalation, and hindlimbs and tails were
dissected and stored at -80 °C.

Locomotion was assessed from video records using the scoring program Datavyu (version
1.3.4; Datavyu Team, New York, NY). The duration of hindlimb locomotor behavior was evaluated
and categorized as full weight-bearing, partial weight-bearing, or non-weight-bearing [29]. Full
weight-bearing behaviors include standing and walking (plantar contact with all 4 paws and belly off
the ground) or full rearing (standing on hindlimbs with both forelimbs off the ground and head above
the abdomen). Partial weight-bearing behaviors include hindlimb-active crawling (hindlimbs used to
facilitate movement and belly in contact with the ground) and partial rearing (one forelimb off the
ground and head above the abdomen). Non-weight-bearing behaviors include crawling (hindlimbs
inactive), pivoting (torso and head moving while hindlimbs remain anchored), and hindlimb kicking.
The categorization of these behaviors depended on the degree to which the hindlimbs supported the
weight of the animal. The duration of each of these behaviors was scored and summed over the entire
20-min video. Intra- and inter-rater reliability was >90%. Unpaired t-tests were used to assess
differences in duration of non-, partial, and full weight-bearing locomotion between sham and spinal-
transected rat subjects on P10. The independent variable was surgical condition, and the dependent
variables were the durations of the weight-bearing behaviors listed above. Significance was set at p <

0.05.

Evaluation of tendon mechanical properties

Mechanical evaluation was conducted as previously described [233]. Briefly, one AT per
animal from P10 (n=11-14 sham, 9-11 spinal) female rats was isolated, mounted and secured with
cyanoacrylate in the grips of our small-scale tensile load frame [89]. A 500 g capacity load cell
(Honeywell, Columbus, OH) was used to measure force, and a custom LabVIEW program (National
Instruments, Austin, TX) recorded force and displacement data. A digital camera captured front and
side view images of each tendon (Thorcam DCC1645C, Thorlabs Inc., Newton, NJ). Tendon length
and width were measured using ImageJ (NIH, Bethesda, MD) to calculate gauge length and cross-
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sectional area, respectively. ATs were assumed to have an elliptical cross-section [340], which was
calculated using the narrowest front and side view width of the AT, whose longitudinal location
coincided in both views. Ranges in n-numbers (P10 ATs) are due to obtaining only structural
properties for some samples due to missing images. ATs were preloaded to 0.05 N, preconditioned
with 10 cycles of loading to 5% strain, and pulled to failure at 0.1 mm/s. ATs and TTs were kept
hydrated with saline throughout testing. The force-displacement and cross-sectional area data were
used to calculate maximum force, displacement at maximum force, stiffness, maximum stress, strain,
and elastic modulus. The linear region, for calculation of linear elastic modulus and stiffness, was
determined from the slope of a line fit to curves that had a R? > 0.90 (average R*= 0.961 + 0.017). To
assess differences in toe-region elastic moduli and toe-to-linear region transition strain between sham
and spinal tendons, a bilinear fit (R>>0.90) was applied to the stress-strain curve [39, 357].
Differences in mechanical properties between sham and spinal conditions were evaluated using
unpaired, two-tailed t-tests, with significance set at p < 0.05.

Similarly, TTs from P10 (n=10 sham, n=10 spinal) female rats were dissected in saline using
methods previously described [233, 325]. Briefly, whole TTs were grasped at the proximal end of the
tail and gently separated from the rest of the tail. TTs were secured with cyanoacrylate into cardboard
c-clamps to hold the tissues during mounting in the load frame. C-clamps were cut following
mounting to allow tensile loading of the TTs. TTs were measured using ImageJ as described for ATs,
but were assumed to have a circular cross-section based on previous studies [325, 341], using the
narrowest diameter (measured 3 times and averaged) from the side view image of the mounted TTs.
A preload of 0.05 N was applied to remove the slack. TTs were not preconditioned due to their
fragility. TTs were pulled to failure at 0.1 mm/s and force was measured using a 150 g capacity load
cell (Honeywell). TT mechanical properties between sham and spinal conditions were evaluated with

unpaired, two-tailed t-tests. Significance was set at p < 0.05.

Imaging and evaluation of collagen structure

To visualize collagen structure, P10 ATs (n=4 sham, n=3 spinal) and TTs (n=5 sham and
spinal) were imaged via second harmonic generation (SHG) [358] on an Olympus FluoView 1000
Multiphoton Confocal Microscope (Olympus, Tokyo, Japan). One TT and one AT, left or right, from
each animal was dissected as described for mechanical testing, and fixed overnight at 4°C in 10%
formalin. Following fixation, and to image the AT, the myotendinous junction and calcaneous bone
were trimmed off. Three images were taken for each tendon (left, right, and center position). Distance
between crests of the crimp pattern was measured using ImageJ (NIH) in 5 locations per image, and

the average measurement was the crimp distance for that image. The average crimp distance of an
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image set was used to determine the average crimp distance of the whole tendon. Crimp distance
between sham and spinal conditions was evaluated with unpaired, two-tailed t-tests. Significance was

set at p <0.05.

Results

Weight-bearing locomotor behavior changes following spinal transection

Overall durations of spontaneous non-, partial, and full weight-bearing locomotion during the
open-field test for spinal and sham subjects are shown in Figure 7.1A. Spinal-transected rats showed
significantly less non-weight-bearing (p = 0.017) and partial weight-bearing (p = 0.004) locomotion,
compared to sham subjects. No spinal subjects engaged in full weight-bearing behavior, while 6 of
the 8 sham subjects did. The duration of full weight-bearing locomotion trended higher (p = 0.055) in

sham rats (Figure 1), though differences were not significant.

Durations of non-weight-bearing locomotor activities are seen in Figure 7.1B. There were no
significant differences in duration of hindlimb kicks (p = 0.456) or crawling (p = 0.296) between
sham and spinal subjects. However, spinal pups showed significantly less pivoting compared to
shams (p = 0.003). Within partial weight-bearing behaviors (Figure 7.1C), spinal pups showed
significantly less hindlimb-active crawling (p = 0.035), and less partial rearing (p = 0.022) than
shams. Within the full weight-bearing category (Figure 7.1D), there were no differences in walking (p
= 0.115), standing (p = 0.149), or rearing (p = 0.141) between sham and spinal subjects, although full

weight-bearing was only shown by shams.
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Figure 7.1 Duration of spontaneous locomotion in the open field by sham and spinal female P10 rats.

(A) Spinal rats (n=8) showed significantly less overall spontaneous non- and partial weight-bearing

locomotion compared to sham rats (n=8). (B) Within the category of non-weight-bearing behavior, spinal
rats showed significantly less pivoting compared to shams. (C) For partial weight-bearing, both hindlimb-
active crawling and rearing were significantly reduced in spinal rats. (D) For full weight-bearing activity,

only sham rats showed any behaviors in this category, including walking (6 out of 8 subjects). Bars show
group mean durations; vertical lines show SEM. * p <0.05.

Achilles tendon mechanical properties

Average mechanical properties of rat tendons are listed in Table 7.1. Representative force-

displacement and stress-strain curves for sham and spinal P10 ATs are shown in Figure 7.2A, B. ATs

from spinal-transected rats had increased linear region elastic modulus (p = 0.042), compared to the

sham condition (Figure 7.3G), while cross-sectional area trended lower (p = 0.05) (Figure 7.3C).

Maximum force (p = 0.84), displacement at maximum force (p = 0.52), linear region stiffness (p =

0.19), toe region elastic modulus (p = 0.13), maximum stress (p = 0.22), strain at maximum stress (p

= 0.62), and transition strain (p = 0.55) were consistent between the sham and spinal subjects (Figure

7.3A, B, D, E, F).
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Figure 7.2 Representative structural and material property curves.

(A, B) Representative force-displacement and (C, D) stress-strain curves for ATs and TTs from sham and
spinal P10 rats.

Tail tendon mechanical properties

Representative force-displacement and stress-strain curves for sham and spinal P10 TTs are
shown in Figure 7.2C, D. TTs from spinal-transected rats had higher linear region stiffness (p = 0.03;
Figure 7.4D), and their cross-sectional area trended higher (p = 0.05) (Figure 7.4C). Maximum force
(p = 0.73), displacement at maximum force (p = 0.19), toe (p = 0.26) and linear region elastic
modulus (p = 0.12), maximum stress (p = 0.11), strain at maximum stress (p = 0.31), and transition

strain (p = 0.42) were consistent between sham and spinal subjects (Figure 7.4A, B, E, F, G, H).
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Figure 7.3 AT mechanical properties.

(A) Maximum force, (B) displacement at maximum force, (C) cross-sectional area, (D) stiffness, (E)
maximum stress, (F) strain at maximum stress, (G) elastic modulus, and (H) transition strain for sham and
spinal conditions. ATs from spinal transected rats had significantly higher linear region elastic modulus and
cross-sectional area trended lower, compared to sham controls. Lines denote significant differences between
groups. Bars represent mean =+ standard deviation.
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Figure 7.4 TT mechanical properties.
(A) Maximum force, (B) displacement at maximum force, (C) cross-sectional area, (D) stiffness, (E)
maximum stress, (F) strain at maximum stress, (G) elastic modulus, and (H) transition strain for sham and
spinal conditions. TTs from spinal transected rats had significantly higher linear region stiffness and cross-
sectional area trended higher, compared to sham controls. Lines denote significant differences between
groups. Bars represent mean =+ standard deviation.

Collagen structure

Collagen structure of ATs and TTs did not appear to be impacted by the surgery condition
(Figure 7.5A-D). Statistical analysis showed there were no significant differences in crimp distance
between sham and spinal conditions in ATs (p = 0.78) and TTs (p = 0.72) (Figure 7.5E, F), or
between sham ATs and TTs (p = 0.50) or spinal ATs and TTs (p = 0.48).



Table 7.1 Mechanical properties of P10 sham and spinal rat ATs and TTs (mean +/- standard deviation)

Tendon | Max Displacement | Stiffness Max Strain | Linear Toe region | Toe-to- Cross- Gauge
force at max force | (N/mm) stress | at max | region elastic linear sectional length
N) (mm) (MPa) | stress elastic modulus region area (mm?) | (mm)
(mm/m | modulus | (MPa) transition
m) (MPa) strain
(mm/mm)
P10 AT | 1.79£1. | 1.75+0.83 1.50£0.98 | 0.57+0 | 0.88%0. | 0.96+0.9 | 0.57+£0.52 | 0.29+0.14 | 3.39£1.98 | 2.12+0.51
sham 10 37 31 2
P10 AT | 1.72+0. | 1.53+0.88 2.09£1.22 | 0.7720 | 0.99£0. | 2.76x2.5 | 0.86£0.56 | 0.47+£0.39 | 1.94+0.69 | 1.96£1.13
spinal | 75 37 60 4
PIOTT | 0.5740. | 1.71+1.17 0.16£0.09 | 2.65+3 | 0.48+0. | 12.93x1 | 0.95+£1.20 | 0.29+0.23 | 0.27£0.29 | 6.47£1.08
94 .04 24 6.80
sham
PIOTT | 0.46%0. | 2.40+1.10 0.30£0.13 | 1.04+0 | 0.81£0. | 4.224+3.6 | 2.30+2.87 | 0.22+0.18 | 0.59£0.49 | 6.04+0.99
spinal | 21 57 96 3

vel
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Discussion

There is a need to enhance our understanding of the relationship between locomotor behavior
and tendon development, as the limited information on the role of mechanical loading in tendon
formation challenges efforts to engineer functional tendon replacements. In this study, we examined
the effects of disrupting weight-bearing locomotion in early postnatal tendon development for two
functionally distinct tendon types (e.g., the energy-storing AT and the positional TT). In spinal-
transected rats, the amount of non- and partial weight-bearing hindlimb locomotion was lower when
compared to sham controls, and no spinal-transected rats showed full weight-bearing locomotion
during the study period (Figure 7.1), providing an in vivo system to study mechanical regulators of
tendon formation. Characterization of this in vivo model is useful, as investigating the impacts of
loading on tendon formation during postnatal development in other systems is a challenge. Tendon
cells harvested postnatally for in vitro studies may have altered phenotypes, different characteristics
depending on the postnatal isolation day, or de-differentiate when isolated from tendons that are
already formed [342]. Additionally, shifts in cell behavior in response to load in vitro may not result
in readily apparent changes in tissue function at the tendon level. Therefore, using spinal-transection
surgery as a model system to disrupt locomotor development in neonates provides insights into how
the mechanical function of tendon emerges during development, possibly driven by the typical

increases in weight-bearing locomotor behavior.

In P10 ATs, we observed significantly increased elastic modulus and a trend toward lower
cross-sectional area (p = 0.05) with spinal transection (Figure 7.3G, C). Previously, we found that the
cross-sectional area of ATs increased as a function of age and with the onset of locomotor behavior
[233]. Taken together, weight-bearing locomotor activity may regulate the lateral expansion of
developing neonatal ATs. The increase in elastic modulus of P10 ATs with decreased loading is
consistent with a prior study that identified increased elastic modulus in ATs with Botox unloading in
4-month old rats [355]. These findings suggest that decreased mechanical stimulation leads to smaller
energy-storing tendons that are less compliant and more rigid. It is also possible that the reduced
loading causes the ATs to resemble positional tendons, as positional tendons typically having higher
elastic moduli [359-365]. Interestingly, SHG imaging did not identify changes in the collagen crimp
distance of ATs between sham and spinal conditions (Figure 7.5A, B). Though unexpected, this
finding is consistent with a prior study in embryonic chick calcaneal tendon that found neither
paralysis nor hypermotility visibly affected collagen structure [12]. The changes in mechanical
properties that follow alterations in the mechanical loading environment during early postnatal
development may be due to cellular or biochemical factors, such as enzymatic crosslinking of the

collagen fibers [99], rather than changes to the overall collagen structure.
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Similarly, P10 TT mechanical properties remained mostly unaltered with spinal transection,
with the exception of increased stiffness and a trend towards a larger cross-sectional area in spinal-
transected rats (Figure 7.4C, D). This suggests the TTs may experience increased loading demands in
the spinal condition as the animals attempt to maintain balance without normal use of their hindlimbs.
Thus the TTs may increase in size and stiffness to compensate for the additional mechanical loading,
similar to the AT during normal development of weight-bearing locomotion [233]. As with the ATs,
SHG imaging showed no changes in the collagen crimp distance of the TTs between sham and spinal

conditions (Figure 7.5C, D).
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Figure 7.5 SHG images of collagen in neonatal tendons.

Representative SHG images of collagen structure in ATs of (A) sham and (B) spinal transected rats, and in
TTs of (C) sham and (D) spinal transected rats. No differences were detected in (E, F) crimp distance
between sham and spinal conditions in ATs or TTs, or between ATs and TTs. Scale bar = 50 um. Bars
represent mean * standard deviation.

Taken together, the spinal surgery and reduced mechanical stimuli influenced both AT and
TT postnatal development, but the impact was unique between the two tendon types. With spinal

surgery, elastic modulus and cross-sectional area were altered in ATs, whereas stiffness increased in
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TTs. One possible explanation for the differential impact on ATs compared to TTs is the
physiological function of each tendon. ATs are weight-bearing, energy storing tendons that must
withstand large mechanical loads during daily activity. In contrast, TTs are generally regarded as non-
weight-bearing, positional tendons, whose main function in rodents is tail positioning [322, 323]. The
increase in stiffness of TTs from spinal subjects may be due to the rats using their tail to supplement
their impaired locomotion, and hence exposing their tails to increased loads, compared to normal
development. Additionally, neonatal ATs may mature more slowly than TTs [233], and thus be more
plastic and susceptible to manipulations of the loading environment at P10. Other studies
demonstrated that neonatal ATs regenerate following a transection and subsequent unloading [157].
While we did not induce a tendon injury, an unidentified regenerative mechanism in neonates may be
preventing more pronounced changes in mechanical properties following tendon unloading due to the
spinal injury-induced decrease in movement. As weight-bearing tendons that may require exposure to
mechanical stimulation to develop mechanical function, ATs may depend on the onset of normal
locomotion, and hence normal loading. Our previous findings suggest that increases in hindlimb
weight-bearing locomotion behavior and tendon mechanical properties are coordinated during
postnatal development, and first occur between P5 and P10 [233]. Since mechanical loading impacts
the expression of tenogenic markers, such as scleraxis [91], and the production of the later stage
tenogenic marker tenomodulin [74, 366], postnatal weight-bearing locomotor behavior may regulate
both cellular maturation and functional tendon development, but future studies are needed to

determine how ATs and TTs are differentially regulated at the cellular level.

Mechanical loading has been shown to influence mechanical properties of cell-seeded
scaffolds in vitro [4, 5, 9, 84, 91, 93-95, 200, 202, 203, 327]. Tendon cells respond to mechanical
stimulation by upregulating genes for collagen (Col) I and III [93, 94], synthesizing collagen fibrils
and aligning them along the axis of tension [84], and remodeling their extracellular matrix (ECM)
[46]. During embryonic and postnatal development, tendons initially display high cellularity and
relatively low collagen content [36, 37, 39-41]. As they mature, they contain 60-85% collagen by dry
weight, 95% of which is Col I, and are relatively hypocellular [196]. Cells in mature tendon are
sensitive to mechanical loading and respond by remodeling their ECM or secreting inflammatory
cytokines [125-127, 154], both of which ultimately lead to alterations in the tissue mechanical
properties. Unloading also impacts healing in mature tendons. In adult rats, immobilization following
a supraspinatus tendon injury led to upregulation of chondrogenic genes [142], and immobilization
after an Achilles tendon transection led to increased laxity of healed tendons, compared to controls
[144]. Collectively, these results illustrate that cells and tendons respond to their mechanical

environment to direct tendon formation and maintenance via upregulation of tenogenic genes and
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secretion of biochemicals, but mechanically regulated cellular mechanisms and the possibility for

unique developmental pathways in functionally distinct postnatal tendons deserve further study.

This study has some limitations. The neonatal spinal transection model used here does not
lead to elimination of hindlimb movement. During the early neonatal period, rats that have undergone
a mid- or low-thoracic spinal cord transection show less myoclonic twitching [367] and spontaneous
locomotion in the hindlimbs [356]. However, when the transection occurs early in postnatal life (i.e.,
before P14 in rats [368]), spinal-injured animals still go on to develop hindlimb locomotor behavior,
albeit not as coordinated as in normal controls [369], and remain able to adapt their locomotor
behavior to sensory stimulation [370]. Findings from the current study of decreased locomotor
activity in spinal-transected female P10 rats are consistent with a recent study showing similar
decreases in spinal-transected male P10 rats, compared to shams [356]. Thus, because the neonatal rat
transection procedure leads to alterations (i.e., decreases) in weight-bearing locomotion, and not
paralysis, it provides a useful model to examine activity-based developmental processes such as
tendon development. In future studies it will be important to extend the age range out to older
animals, as P10/P11 is the typical age that quadrupedal walking is regularly shown in rats [339].
Thus, examining tendon properties at a later time point from surgery will likely reveal more drastic
and activity-dependent effects between sham and spinal-transected animals. Two-tailed unpaired t-
tests showed that P10 ATs and TTs from rats subjected to the sham surgery did not differ
significantly in their mechanical properties from P10 ATs and TTs from rats allowed to develop
normal locomotor behavior, as reported in our prior study (data not shown) [233]. Thus, the sham
surgery, on its own, did not appear to alter mechanical properties of developing tendons.
Additionally, there are inherent challenges to testing neonatal tissues (small size, fragility, damage
during dissection, and slipping during testing). To minimize errors, any data with apparent damage
during tissue isolation or slipping during testing were excluded from the analysis. Finally, although
sex differences in tendons have been detected at later ages [347, 371], at ages below 4 weeks, body
mass, collagen content, elastic modulus, maximum stress [347], and early locomotor development
[339] do not differ between male and female mice. Therefore, we do not believe it is likely that using

only female rats affected our results.

In this study, we demonstrated that disrupting the development of normal locomotion of
postnatal rats via spinal transection at P1 results in unique changes to AT and TT mechanical
properties, without disrupting the collagen structure. Future investigations will identify the cellular
mechanisms affected by manipulating the postnatal mechanical environment, with particular focus on

how these mechanisms may be impacted differently in the energy-storing and weight-bearing (e.g.
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AT) and the positional and non-weight-bearing (e.g. TTs) tendons. These results provide new insights
into how mechanical stimuli, particularly the onset of weight-bearing locomotion during neonatal

development, impact tendon formation.
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Abstract

Tissue engineered and regenerative approaches for treating tendon injuries are challenged by
the limited information on the cellular signaling pathways driving tenogenic differentiation of stem
cells. Members of the transforming growth factor (TGF)p family play a role in tenogenesis, which
may proceed via Smad-mediated signaling. However, recent evidence suggests some aspects of
tenogenesis may be independent of Smad signaling, and other pathways potentially involved in
tenogenesis are understudied. Here, we examined the role of Akt/mTORC1/P70S6K signaling in
TGFP2-induced tenogenesis of mesenchymal stem cells (MSCs), and evaluated TGFp2-induced
tenogenic differentiation when Smad3 is inhibited. Mouse MSCs were treated with TGFB2 to induce
tenogenesis, and Akt or Smad3 signaling were chemically inhibited using the Akt inhibitor, MK-
2206, or the Smad3 inhibitor, SIS3. Effects of TGFB2 alone and in combination with these inhibitors
on the activation of Akt signaling and its downstream targets mTOR and P70S6K were quantified
using western blot analysis, and cell morphology was assessed using confocal microscopy. Levels of
the tendon marker protein, tenomodulin, were also assessed. TGFB2 alone activated Akt signaling
during tenogenic induction. Inhibiting Akt prevented increases in tenomodulin, and attenuated
tenogenic morphology of the MSCs in response to TGFB2. Inhibiting Smad3 did not prevent
tenogenesis, but appeared to accelerate it. MSCs treated with both TGFB2 and SIS3 produced
significantly higher levels of tenomodulin at 7 d and morphology appeared tenogenic, with localized
cell alignment and elongation. Finally, inhibiting Smad3 did not appear to impact Akt signaling,
suggesting that Akt may allow TGFB2-induced tenogenesis to proceed independently of Smad3
signaling. These findings show that Akt signaling plays a role in TGFp2-induced tenogenesis, and
that tenogenesis of MSCs can be initiated by TGFB2 independent of Smad3. These finding provide

new insights into the signaling pathways that regulate tenogenic induction in stem cells.
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Introduction

Tendons, the collagenous musculoskeletal tissues that connect muscle to bone to enable
movement, are frequently injured and heal poorly, leading to long-term loss of function [1]. Tendon
injuries are common in both the general population and athletes, and limited clinical treatment options
combined with their increasing incidence and high costs in terms of both healthcare and productivity
losses make tendinopathies a significant public health concern [1, 14, 372]. Mesenchymal stem cells
(MSCs) are attractive for use in regenerative therapies to treat tendon injuries, as they are relatively
easy to isolate and can differentiate into a variety of tissue lineages, including tendon [4, 5, 7, 9, 257,
373]. However, the limited understanding of the cell signaling pathways involved in tenogenesis
(differentiation toward the tendon lineage) is a challenge for tissue engineering and regenerative

approaches.

Currently identified tenogenic pathways include those related to transforming growth factor
beta (TGFp) signaling [374]. TGFp has three isoforms (TGFB1, 2, and 3), which, in canonical
signaling, appear to depend on small mothers against decapentaplegic (Smad) 2/3 signaling [53, 375].
Smads are intracellular signaling proteins that regulate several cellular processes including growth,
differentiation, and proliferation [55]. Previously, we and others showed that TGF2 is a potent
inducer of tenogenesis in murine MSCs in vitro [13, 48, 49, 53, 55, 350]. MSCs supplemented with
recombinant human TGFp2 significantly increased production of the tendon marker proteins scleraxis
and tenomodulin over 21 days (d) in culture, and underwent extensive morphology changes indicative
of a transition towards tendon-like cells [13]. TGFP2 also effectively induced tenogenesis in mouse
embryonic fibroblasts grown in an in vitro tendon model [55]. Interestingly, the same study showed
that when Smad4, the downstream effector of Smad2 and 3, was knocked out in mouse embryonic
fibroblasts via Adenovirus/Cre mediated floxing, proliferation was disrupted, but the cells still
produced scleraxis, indicating early tenogenesis was able to proceed [55]. Collectively, while
canonical TGFp2 signaling likely depends on Smad2/3, this recent evidence suggests that other cell

signaling pathways may be active in tenogenesis that are independent of Smad.

Though pathways beyond TGFf and Smad2/3 have yet to be extensively investigated in
tenogenesis, the phosphatidylinositol 3 kinase (PI3K)/Akt/mTORC1/P70S6K pathway has been
implicated in the TGFp-mediated tendon response to injury [376]. Treatment of murine MSCs with
TGFp1, which induces a pro-inflammatory and pro-fibrogenic response in tendon [167], activated
(phosphorylated) Akt [377]. Akt, a kinase with extensive downstream roles in cell survival, growth,

protein synthesis, and apoptosis, is activated by the phospholipid membrane-bound PI3K in response
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to several extracellular cues, including various growth factors, and potentially TGFp signaling [378].
Once phosphorylated, Akt can indirectly activate the mammalian target of rapamycin, or mTORC1
complex. mTOR knockout mice display abnormalities in the gross anatomy of their Achilles, patellar,
and tail tendons [377], suggesting mTOR is involved in tendon development and maintenance.
mTOR also activates protein S6 kinase, or P70S6K, which mediates protein synthesis and cell growth
[379]. As P70S6K is a downstream effector of Akt, it is possible that P70S6K may be activated
during TGFB2-induced tenogenesis. P70S6K has not been investigated in the context of tenogenic
differentiation, though it may contribute to proliferation and migration of other fibroblastic cells, such
as lung fibroblasts [380]. Overall, although components of the PI3K/Akt/mTORC1/P70S6K pathway
have been implicated in tendon development, interactions between this pathway and the tenogenic

isoform of TGFp, TGFB2, have not been investigated.

Existing data suggest activation of Akt by TGFf signaling can take place independently of
Smad?2 and 3 [381], but Akt activation has not been investigated in response to TGFB2 specifically.
Prior studies have mainly explored exogenous TGFp1 to enhance TGFf signaling in experimental
settings. However, TGFp isoforms induce differentiation towards distinct musculoskeletal tissue
lineages. TGFB3 is known to be chondrogenic [374], while TGFB1 may induce chondrogenesis [265]
or fibrosis and inflammation [171], and TGFp2 is tenogenic [13, 31, 55, 382]. Thus, there remains a
need to assess interactions between TGFP2 and Akt signaling, specifically for tenogenesis. Notably,
there is conflicting evidence as to whether Akt signaling enhances or attenuates cellular responses to
TGFP [383, 384], further highlighting the need for additional studies. Though Akt signaling is a
precursor to a multitude of cellular events, establishing its potential involvement in tenogenesis is
beneficial due to the limited understanding of the signaling events preceding tenogenic
differentiation. Non-canonical and Smad-independent interactions between TGFf and other signaling
pathways have been documented in various cell types, and summarized in a comprehensive review
[379]. While TGFp is known to interact with bone morphogenic protein (BMP), mitogen-activated
protein kinase (MAPK), Wingless/Integrated (Wnt) [225], Hedgehog (Hh), and Notch signaling
[379], potential crosstalk between TGFp and the Akt/mTORC1/P70S6K pathway is of particular
interest in the context of tenogenesis due to the availability of therapeutic agents that can target

Akt/mTORC1/P70S6K [385].

Taken together, additional signaling pathways may be involved in TGFp2-induced
tenogenesis of stem cells, and one such pathway may be PI3K/Akt/mTORC1/P70S6K. We
hypothesized that Akt/mTORC1/P70S6K would be activated during TGFB2-induced tenogenesis,
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independent of Smad3 signaling. To test this, we treated mouse MSCs with TGFf2 to induce
tenogenesis, and chemically inhibited Akt and Smad3 signaling for up to 7 d. We examined cell
morphology, and activation of Akt, mTOR, and P70S6K, and evaluated levels of the tendon marker,
tenomodulin. Our results showed that TGFB2 activated Akt, and inhibiting Akt prevented TGFp2-
induced tenogenesis. Inhibiting Smad3 appeared to accelerate TGFp2-induced tenogenesis. The
tenogenic involvement of pathways other than Smad3 provides additional targets for investigations in

tendon development.

Materials and Methods

Cell Culture and Tenogenic Induction

Murine MSCs (C3H10T1/2, ATCC, Manassas, VA), a model MSC used in prior studies
investigating tenogenesis and tendon injury [31, 91, 377], were cultured and supplemented with
TGFp2 to induce tenogenesis as previously described [13]. Briefly, cells were expanded in standard
growth medium (Dulbecco’s Modified Eagle’s Medium (DMEM), 10% fetal bovine serum (FBS),
and 1% Penicillin/Streptomycin) until 70% confluent, and used between passage 5 and 13. MSCs
were trypsinized, and seeded into each well of a 24-well plate. Cells used for 15 minute (min), 30
min, 1 hour (h) and 24 h timepoints were seeded at 25,000 cells/cm?. Cells for 3 and 7 d timepoints
were seeded at 5000 cells/cm?. Cells were incubated for 24 h to allow for initial cell attachment, and
then washed with warmed phosphate buffered saline (PBS) (Gibco, Grand Island, NY). The medium
was switched to low-serum medium (DMEM, 1% FBS, 1% Penicillin/Streptomycin), and allowed to
equilibrate for 24 h. Cells were rinsed with warm PBS and cultured for 15 min, 30 min, 1 h, 24 h, 3 d,
7 d, or 14 d in low-serum medium with the corresponding amount of sterile water (vehicle controls)
or low-serum medium supplemented with 50 ng/mL recombinant human TGFp2 (PeproTech, Rocky
Hill, NJ). The medium was changed every third day. Experiments were repeated a minimum of 3

times.

Inhibition of Akt and Smad3

To inhibit Akt signaling, cells were seeded in 24-well plates and cultured for 15 min, 30 min,
60 min, 24 h, 3 d and 7 d in low-serum medium with water and dimethyl sulfoxide (DMSO) (vehicle
controls), and low-serum medium supplemented with 50 ng/mL recombinant human TGFf2
(PeproTech), 500 nM of the Akt inhibitor MK-2206 [386] (MedChem Express, Monmouth Junction,
NJ), or both (TGFB2+MK-2206). To inhibit Smad3 signaling, cells were cultured and seeded into 24-
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well plates as described above for 15 min, 30 min, 60 min, 24 h, 3 d, and 7 d in low-serum medium
with water and DMSO (vehicle controls), and low-serum medium supplemented with 50 ng/mL
recombinant human TGFB2 (PeproTech), 2 uM of the Smad3 inhibitor SIS3 [53] (Tocris, Bristol,
UK), or both (TGFp2+SIS3).

Western Blot Analysis

Cells were collected for western blot (WB) analysis in RIPA cell lysis buffer and HALT
protease inhibitor (Invitrogen, Carlsbad, CA). Sodium dodecyl sulfate (SDS) was added at a 1:1 ratio
and samples were sonicated, heated to 100° C for 5 minutes, and loaded into Novex Wedgewell 4-
20% Tris Glycine Mini Gels (Invitrogen). Lanes were loaded differentially to normalize total protein
content. Cell lysate collected from each well of the 24-well plate was run in its own lane (2 to 3 wells
of each condition were run, analyzed, and averaged per individual experiment). Samples probed for
mTOR and phosphorylated (P)-mTOR required 4-12% Tris Glycine gels (Invitrogen) due to the large
protein size. Following electrophoresis, gels were transferred to nitrocellulose membranes
(Invitrogen), blocked in 5% milk in tris buffered saline (Boston Bioproducts, Ashland, MA) with
0.1% Tween20 (TBST) (Acros Organics, Morris Plains, NJ), and incubated overnight at 4° C on an
orbital shaker with appropriate primary antibodies in 5% bovine serum albumin (BSA) in TBST.
Primary antibodies raised in rabbit were purchased for P-Smad3, -actin (Abcam, Cambridge MA),
mTOR, P-mTOR, Akt, P-Akt, P70S6K, P-P70S6K, Smad2/3 (Cell Signaling Technologies, Danvers,
MA), and tenomodulin (Tnmd) (Invitrogen), and used at concentrations of 1:1000 to 1:10,000.
Phosphorylation indicates activation, and increases in levels of P-Akt, P-rmTOR, P-P70S6K, and P-
Smad3 were used as representations of increased activation. Blots were washed 3x for 5 min in TBST
and incubated for 1 h at room temperature with goat anti-rabbit HRP-linked secondary antibody
(Invitrogen). Blots were then washed in TBST, developed using ECL chemiluminescence reagents
(Invitrogen), imaged using a Genesis Pi6x imager (Syngene, Frederick, MD), and analyzed via band
densitometry in ImageJ (NIH, Bethesda, MD), with all intensities normalized to their respective -

actin bands.

Fluorescence Staining and Confocal Microscopy

To observe changes in cell morphology, cells were cultured and supplemented with TGF[2,

MK-2206 and SIS3, as described above, but on glass coverslips. At 24 h, 3 d, and 7 d, the medium
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was removed, cells were rinsed with PBS, and fixed in 10% formalin overnight at 4° C. Cells were
washed with PBS, permeabilized with 0.1% Triton-X (Acros Organics), and stained with FITC-
phalloidin and 4,6-Diamidino-2-phenylindole (DAPI) (Life Tech., Waltham, MA) to observe the actin
cytoskeleton and cell nuclei, respectively. Coverslips were mounted on slides and imaged on a

spinning-disk confocal microscope (Nikon/Andor, Melville, NY).

Statistical Analysis

Proteins were initially normalized to their respective f-actin bands. As not all timepoints and
experiments could be run on the same gel, treatment groups were normalized to their respective
controls at each timepoint. Phosphorylated protein content was then normalized to total Akt, P70S6K,
mTOR, or Smad2/3 content, as previously described [160]. Each experimental run was averaged
(minimum n = 3 independent runs, 2-3 technical replicates per run) and ratios were calculated from
bands imaged on the same membrane. Resulting ratios were analyzed using 1-way analysis of
variance (ANOVA) with Sidak’s multiple comparison test (Prism 8, GraphPad, LaJolla, CA).

Significance was set at p < 0.05. Results are reported as mean =+ standard deviation.

Results

Akt signaling is active during TGFB2-induced tenogenesis

TGFp2 treatment significantly increased the ratio of P-Akt (activated) to total Akt at 30 min (p
<0.05; Fig. 1B) and 60 min (p <0.001; Fig. 8.1C), and at 24 h (p <0.01; Fig. 1D), compared to controls.
TGFp2 increased the average P-Akt/Akt ratio, though not significantly, at 15 min and 3 d (Fig. 8.1A,
E). Compared to controls, TGFB2 did not alter the ratio of P-mTOR to mTOR at any timepoint (Fig.
S1A-E). TGFB2 significantly increased the ratio of P-P70S6K to P70S6K compared to controls at 24 h
(p < 0.05; Fig. S2D), and P-P70S6K activation trended higher at 60 min (p = 0.08; Fig. S2C). TGFp2
did not impact the ratio of P-P70S6K to P70S6K at 15 and 30 min, or 3 and 7 d (Fig. S2A, B, E, F).
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Figure 8.1 Akt is activated by TGFB2 and inhibited with MK-2206 as a function of time.

(A-G) Quantified western blot band densitometry showing the ratio of P-Akt to Akt as a function of time. The
ratio of P-Akt to Akt was significantly increased by TGFB2 treatment at (B) 30 m, (C) 60 m, and (D) 24 h. Akt
activation levels in MSCs were significantly decreased by MK-2206 at (B) 30 m, (C) 60 m, (D) 24 h, (F) 7d
and (G) 14 d. (H) Representative western blot showing MK-2206 prevents Akt activation at 60 m, while TGF[32
increases Akt phosphorylation. P-P70S6K and P70S6K remained unaffected. * =p <0.05, ** =p <0.01, ***
=p <0.001, *¥*** =p <0.0001. Bars = mean + standard deviation.
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Figure 8.2 Akt inhibition prevents increases in tenomodulin, while Smad3 inhibition appears to accelerate
tenomodulin production.

(A-C) Quantified western blot band densitometry showing tenomodulin is not detectable following 7 d of
treatment with MK-2206+TGFf2, indicating tenogenesis is disrupted when Akt signaling is inhibited. (D)
Representative western blot showing cells treated with MK-2206+TGFB2 do not produce tenomodulin at 7 d.
(E-F) MSC:s treated with SIS3+TGFp2 produce more tenomodulin than cells treated with TGFp2 alone at 7 d.
(G) Representative western blot showing MSCs production of tenomodulin increases with 7 d of TGFB2 and
SIS3 treatment, compared to controls, and MSCs treated with TGFB2 or SIS3 alone. * = p < 0.05, ** =p <
0.01. Bars = mean + standard deviation.
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Figure 8.3 Akt inhibition impacts tenogenic cell morphology.

Representative images (20x) of MSCs treated with TGFB2 and MK-2206. Actin cytoskeleton (green) and cell
nuclei (blue) are shown in MSCs at 24 h, and 3, 7, and 14 d (A-P). (D, H, L, P) MSCs treated with both TGFp2
and the Akt inhibitor, MK-2206, had disruptions in cell morphology and did not appear elongated or
fibroblastic, compared to (B, F, J, N) cells treated with TGFB2 only and (A, E, I, M) controls. (C, G, K, O)
MK-2206 alone did not appear to drastically impact cell morphology. Scale bar = 100 um.
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Figure 8.4 Smad3 inhibition has limited impact on Akt activation.

Quantified western blot band densitometry showing the ratio of P-Akt to Akt in MSCs treated with SIS3 to
block Smad3 signaling. The ratio of P-Akt to Akt was not significantly altered by SIS3 at (A) 15 m, (B) 30 m,
and (D) 24 h. (C) Akt activation trended higher in cells treated with TGFB2 and SIS3+TGFp2 at 60 m (p =
0.09). (E) Akt activation levels were significantly decreased in all conditions except vehicle controls by 3 d. *

=p <0.05, ** = p <0.01. Bars = mean + standard deviation.
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Figure 8.5 Smad3 inhibition does not alter tenogenic cell morphology.

Representative images (20x) of TGFB2 and SIS3-treated MSCs. (A-H) Actin cytoskeleton (green) and cell
nuclei (blue) are shown in MSCs at 24 h, 3 dand 7 d. (D, H, L) MSCs treated with both TGFB2 and the Smad3
inhibitor, SIS3, appeared more fibroblastic and elongated, compared to (A, E, I) controls and (B, F, J) cells
treated with TGFpB2 only. (C, G, K) SIS3 alone did not appear to impact cell morphology. Scale bar = 100 um.

Akt inhibition prevents TGFf2-induced tenogenesis

Cells were treated with TGFB2, MK-2206, or MK-2206+TGFp2. MK-2206 effectively
inhibited Akt activation both on its own and when used in combination with TGFB2. The ratio of P-
Akt to Akt was significantly lower in both MK-2206 and MK-2206+TGFp2 treated cells, compared to
TGFp2-only treated cells at 30 min (p < 0.0001; Fig. 8.1B), compared to all other groups at 60 min (p
<0.01 to p <0.001; Fig. 8.1C, H), and compared to TGFp2-only treated cells (p < 0.001) at 24 h (Fig.
8.1D). The P-Akt to Akt ratio remained lower in MK-2206-treated groups, and P-Akt was not detected
in MK-2206+TGFp2 treated cells at 7 d (Fig. 8.1F) and 14 d (Fig. 8.1G). MK-2206 did not significant
impact the ratio of P-mTOR to mTOR at most timepoints (Fig. S1). At 24 h, mTOR activation was
significantly lower in MK-2206-only treated cells, compared to TGFB2-only cells (p < 0.05; Fig. S1D),
and at 3 d, activation was significantly lower in MK-2206+TGFp2 treated cells, compared to TGFf32-
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only cells (p < 0.05; Fig. S1E). MK-2206 did not affect the ratio of P-P70S6K to P70S6K at most
timepoints, though P-P70S6K activation trended lower (p = 0.08) in MK-2206 and MK-2206+TGF(2
treated cells at 60 min (Fig. S2C) and was significantly lower (p < 0.05) in MK-2206 treated cells
compared to TGFP2-only treated cells at 24 h (Fig. S2D). At this same timepoint, MK-2206+TGFf2
treated cells had a significantly higher ratio of P-P70S6K to P70S6K compared to vehicle controls (p
< 0.05; Fig. S2D), and the ratio in MK-2206+TGFp2 treated cells trended higher (p = 0.055) than in
MK-2206-only treated cells. At 7 d, levels of tenomodulin were undetectable in the MK-2206+TGFp2-
treated cells, indicating tenogenesis had been disrupted (p < 0.01; Fig. 8.2C, D). Tenogenic cell
morphology was disrupted with MK-2206+TGFB2 treatment. Cells showed reduced elongation,
proliferation, and localized alignment, compared to cells treated with TGFB2 alone, at 24 h, 3 d, and 7
d (Fig. 8.3). Finally, although cells treated with MK-2206+TGFf2 had a significantly higher ratio of
P-Smad3 to Smad2/3 at 60 min (p < 0.05; Fig. S3A), levels of activated Smad3 were similar to controls
at 24 h (Fig. S3B).

TGFp2-induced tenogenesis proceeds when Smad3 signaling is inhibited

Cells were treated with TGFB2, SIS3, or SIS3+TGFp2. Cells treated with SIS3 had decreased
activation of Smad3 and a lower ratio (p = 0.08) of P-Smad3 to total Smad2/3 at 60 min, as expected
(Fig. S3C). SIS3 did not decrease the ratio of P-Akt to Akt alone or in combination with TGFB2 at any
timepoint (Fig. 8.4), though all conditions had significantly lower Akt activation compared to controls
at 3 d (Fig. 8.4E). SIS3 did not impact the ratio of P-mTOR to mTOR, except at 15 min, where
SIS3+TGFp2 treated cells had significantly lower mTOR activation compared to other timepoints (p <
0.01; Fig. S4A). Finally, at 15 min, SIS3 and SIS3+TGFp2 treated cells had a significantly lower ratio
of P-P70S6K to P70S6K (p < 0.05; Fig. S5A), compared to cells treated with TGF2 alone, but SIS3
did not affect this ratio at any other timepoint (Fig. S5). Inhibiting Smad3 signaling with SIS3 did not
prevent TGFB2-induced tenogenesis. The morphology of cells treated with SIS3+TGFB2 displayed
changes consistent with tenogenesis at earlier timepoints, compared to cells treated with TGFp2 alone
(Fig. 8.5). Levels of tenomodulin were also significantly higher (p < 0.01) at 7 d in cells treated with
SIS3+TGFp2, compared to the TGFB2-only group (Fig. 8.2E, F, G).



152

Discussion

In this study, we showed that TGFB2 activated Akt signaling during tenogenesis, that
inhibiting Akt signaling prevented TGFB2-induced tenogenesis, and that TGFB2-induced tenogenesis
proceeded independently of Smad3. Activation of mTOR and P70S6K, which are downstream in the
Akt signaling pathway, also changed in response to TGFB2, though these changes appeared muted
compared to the impact of TGFB2 on Akt activation. Inhibiting Akt and Smad3 had limited impact on
the activation of these downstream eftectors (mMTOR and P70S6K). Finally, we showed that inhibiting
Smad3 signaling during TGFB2-induced tenogenesis appeared to accelerate morphological changes
and tenomodulin production by MSCs. While previous work has shown that TGFp signaling can
proceed independently of Smad functionality [55], to our knowledge, this is the first study to
investigate the activation of potential alternative cellular signaling pathways in TGFB2-induced

tenogenesis.

Our results suggest that Akt activation is a possible tenogenic pathway that may regulate the
cellular response to TGFB2-induced tenogenesis. TGFB2-treatment alone significantly increased Akt
activation early in tenogenic induction (Fig. 8.1). Additionally, Akt activation with TGFB2 across
various timepoints showed an increasing trend up until 24 h, and a decreasing trend until 14 d, where
the P-Akt to Akt ratio is significantly lower compared to 24 h (Fig. S6). Although the ratio of P-Akt
to Akt increased by a maximum of only ~2.5:1 in response to TGFp2, as a kinase, Akt activates a
cascade of intracellular events, and only modest increases in signaling may be needed to induce
robust changes in transcription and protein synthesis [378]. While MK-2206 prevented Akt activation
by TGFp2 and diminished tenogenic markers, levels of total (non-phosphorylated) Akt, as well as
levels of phosphorylated and non-phosphorylated mTOR and P70S6K, were not changed by MK-
2206 addition alone, except at some later timepoints. This suggests that even low levels of P-Akt may
be enough to maintain some downstream signaling, that other non-canonical pathways may be
maintaining mTOR and P70S6K signaling in the absence of Akt activation, or that these downstream
signaling molecules are not involved in TGFB2-induced tenogenesis. Overall, our findings show that

TGFp2 activates Akt signaling during tenogenic induction.

Interestingly, in addition to not decreasing in response to MK-2206, mTOR activation was
not significantly altered by TGFB2 treatment and the apparent changes in Akt activation. This finding
could be explained by Akt only indirectly activating mTOR in the canonical
PI3K/Akt/mTORC1/P70S6K pathway, and this activation may be tissue-specific [378, 387]. The
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TGFB-induced epithelial-to-mesenchymal transition is also regulated by mTOR [388]. Since TGF[2-
induced tenogenesis in these MSCs is occurring after the epithelial-to-mesenchymal transition that
occurred in utero prior to MSC isolation, mTOR regulation may not directly influence tenogenic
differentiation. It is also possible that mTOR activation is exclusive to tendon injury [376], and not
activated during tenogenic differentiation. However, mTOR knockout mice display some
abnormalities in gross tendon morphology [377], suggesting mTOR is involved in tendon
development. Similarly, the ratio of P-P70S6K to P70S6K was not significantly increased at early
timepoints. However, unlike mTOR, P70S6K activation was significantly higher at 24 h with TGFp2
treatment. The significant increases in P70S6K activation at later timepoints (24 h) suggest some
mTOR activation, and the delayed peak in activation is logical given its position downstream in the
pathway. Ultimately, both mTOR and P70S6K showed some increases (though not significant) in
activation in response to TGFp2 at earlier timepoints, indicating that the PI3K/Akt/mTORC1/P70S6K

pathway remains a potential driver of TGFB2-induced tenogenesis.

Akt may allow TGFB2-induced tenogenesis to proceed in the absence of Smad3. While
Smad3-independent activation of Akt by TGFp signaling is not a novel finding [375, 381], Smad3-
independent TGFP2-induced tenogenesis has not been previously shown. Inhibiting Smad3 with SIS3
did not decrease activation of Akt (Fig. 8.4) or downstream effectors, mTOR (Fig. S4, S5), except at
isolated, later timepoints. While Akt activation did not increase significantly in the TGFp2+SIS3
treated cells, levels of P-Akt trended higher (p = 0.09) at 60 m (Fig. 4C), and it is possible that low
levels of Akt activation are sufficient for tenogenesis to proceed. Unlike Akt, P-P70S6K activation
showed an early, transient significant decrease in SIS3-treated cells at 15 min, but the ratio of P-
P70S6K to P70S6K was otherwise similar to other groups at all timepoints (Fig. S5). The cause of
this pattern is not clear, but could be due to effects of endogenous TGFB1 on P70S6K signaling being
inhibited by SIS3 [387]. Future studies are needed to determine the specific downstream effects of
each TGFp isoform within the context of Akt signaling. Furthermore, while other pathways not
assessed in this study may be initiating tenogenesis in response to TGFp2 addition, Akt is a promising
candidate due to the extensive morphological changes observed with Akt inhibition (Fig. 8.3). Akt
inhibition does not lead to alterations in cell morphology, except in the MK-2206+TGF2 groups.
Similarly, SIS3 alone appears to do little to cell morphology or protein production, until combined
with TGFB2. While qualitative, the images of cell morphology showed enhanced tenogenic
morphology with Smad3 inhibition, and extensive disruption of tenogenic morphology with Akt
inhibition. Disrupted tenogenic morphology with Akt inhibition, along with loss of tenomodulin

production, suggest that the Akt pathway is playing a role in early TGFB2-induced tenogenesis.
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The finding that TGFB2 not only induces tenogenesis when Smad3 is inhibited, but that
differentiation may be accelerated, is unexpected, but consistent with recent evidence that the
downstream effector of Smad3 signaling (e.g. Smad4) may not be necessary for tenogenic
differentiation [55]. However, Smad4 was shown to play a role in cell proliferation in response to
TGFB2 [55]. While cellular proliferation was not quantified in this study, images show that changes
in cell morphology (elongation and localized alignment) are not accompanied by the large increases
in cell number observed in prior studies of TGFB2-only treated cells [13], suggesting Smad3 and
hence downstream Smad4 signaling were effectively inhibited. Unlike TGFB2-only and SIS3-only
treated cells, most SIS3+TGFp2-treated groups did not survive past 10 d in culture, suggesting long-
term SIS3 accumulation or inhibition of Smad3 is problematic for TGFp2-induced tenogenesis. For

this reason, only timepoints up until a maximum 7 d are included in the data analysis.

It is possible that the apparent acceleration in TGFB2-induced tenogenesis with Smad3
inhibition is due inhibiting cell signaling associated with endogenous TGFf1. Fibroblasts and MSCs
that are precursors to musculoskeletal tissues produce TGFB1 during development [11, 31, 382, 389,
390], and TGFp1 signaling is known to participate in the tendon response to injury and fibrosis [171,
391-393]. Multiple TGFp isoforms may be active at any given time, but not all activate the same
pathways, especially when non-canonical signaling is considered [394]. During early musculoskeletal
tissue differentiation, TGFB1 signaling may proceed exclusively via Smad, while TGFf2 may be able
to induce differentiation via alternate pathways that other TGFf isoforms cannot activate [375]. As
TGFB1 may not be tenogenic and in other studies is chondrogenic [395, 396] or fibrogenic [171],
inhibiting Smad3 may prevent the non-tenogenic effects of TGFp1. Simultaneously, TGFB2 signaling
may proceed via an alternate pathway, thus accelerating tenogenesis in the absence of competing
signals from endogenous TGFB1. Other aspects of tendon development, such as production of matrix
components like fibronectin, may require Smad4-dependent and independent TGFp1 signaling [397],
which long-term Smad3 inhibition prohibits. Furthermore, injury in a neonatal tendon is associated
with Smad2/3 activation, and Smad2/3 activation meditated by TGFp signaling through the TGFf
type I receptor ALK4/5/7 impacts regenerative healing [398]. Finally, interactions between multiple
TGFp isoforms and other downstream Smad-dependent signals, including BMPs [71-73, 379], may
be necessary for continued differentiation and could be explored in future long-term studies. Taken
together, Smad activation by TGF family members may play unique and time-dependent roles in
differentiation and regeneration, but more work is needed to elucidate the impact of Smads in

regulating tendon formation.
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This study is not without its limitations. Chemical inhibitors were used to inhibit Akt and
Smad3 signaling. Although western blotting showed activated Akt was lowered to almost
undetectable levels by MK-2206, and the overall ratio of activated Smad3 to total Smad2/3 content
decreased in SIS3-treated groups, it is possible that some activity persisted. Studies in animal
knockouts can control for small levels of activation in proteins of interest, though other off-target
effects of the deletions may confound results. For example, a mouse knockout model of almost all
Akt isoforms (4kt1 */, Akt2 7/, and Akt3 /) is viable, but the animals display generalized
abnormalities in metabolism and body weight [399]. Not all proteins of interest were assessed for 7
days. Proteins activated earlier in the pathway (for example, P-mTOR) were only quantified until 24 h
or 3 d in either the MK-2206+TGFp2 or SIS3+TGF2 experiments, though any notable changes in
activation would likely occur within these time frames. We also only assessed Akt activation using a
pan-Akt antibody, rather than examining individual Akt isoform activation. It is possible individual
Akt isoforms impact tenogenic differentiation in different ways, though Akt isoforms are generally
considered redundant, with overlapping functions in vivo [399]. Additionally, culture medium was
supplemented with 50 ng/mL exogenous TGFB2 every 3 days based on concentrations used in
previous studies [13, 52, 53]. While this concentration is shown to be tenogenic in MSCs in vitro, it is
possible it does not represent the in vivo availability and concentration of TGFB2. We also did not
supplement cells with other TGF isoforms, such as TGFB1, or quantify TGFB1 production by MSCs.
Though TGFp1 is generally considered fibrogenic, it is possible that it activates alternative pathways
when either Akt or Smad3 signaling is inhibited. Future studies will integrate assessment of
alternative pathways, such as those associated with BMPs and other TGFf isoforms. Future studies in
adult human MSCs will be needed to assess the potential benefits of clinical interventions targeting
these pathways. Despite various limitations, this study represents a valuable contribution to the
understanding of cell signaling pathways involved in TGFp2-induced tenogenesis in MSCs, and can

be used to inform cellular studies of early tendon development.

Overall, our findings show that Akt signaling is activated during TGFB2-induced tenogenesis
of MSCs, and Akt activation appears to regulate tenogenic markers. Furthermore, inhibiting Smad3
signaling and adding exogenous TGFB2 did not prevent tenogenesis. Instead, tenogenic
differentiation appeared to be accelerated, with earlier increases in tenomodulin production and the
appearance of tenogenic cell morphology. Collectively, our results suggest that
Akt/mTORC1/P70S6K and other cell signaling pathways independent of Smad3 may be involved in
tenogenesis. These pathways provide novel targets for future studies aiming to improve understanding

of the cellular processes driving tenogenesis in stem cells.
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Chapter 9: Conclusions and Future Directions

The field of tendon tissue engineering and regenerative medicine is rapidly emerging as a
promising avenue for improved clinical outcomes for tendon injuries. As increased interest in tendon
development and mechanical behavior is relatively recent, much remains to be discovered about this
tissue before engineered approaches can effectively recapitulate the mechanical and biological
properties of native tendon. The studies within this dissertation represent novel contributions to the
field and provide potential starting points for researchers attempting to incorporate cues from normal
tendon development into regenerative strategies. This conclusion chapter highlights our main findings

and offers possible future directions for continuation of our research objectives.

When framing the overall goal of our research, two topics were reviewed: engineered models
of tendon development and disease, and the role of cell-cell junction proteins in developing and
mature tendons. Prior engineered models of tendon development have produced much of the current
knowledge of the mechanical and cellular development of tendons, as well as revealed the mechanical
and biochemical consequences of tendon injuries at multiple scales and severities. These models were
summarized in Chapter 2. Similarly, prior work established the cell-cell junction proteins involved in
tendon development and homeostasis, and the role cell-cell junction proteins play in other
musculoskeletal tissues. However, much remains to be elucidated about how tendon cells
communicate with each other and the surrounding matrix to develop and maintain tendon tissue. A
survey of existing research on cell-cell junction proteins in tendon was summarized in Chapter 3.
These two chapters highlight what is currently known about tendon development and disease, and
illustrate the significant need for more information regarding the cellular, biochemical, and
mechanical development of tendon. Our work addressed some of the gaps in knowledge outlined in

Chapters 2 and 3, beginning with the role of mechanical loading in tendon development.

Mechanical loading is a tenogenic factor we explored in greater depth in Chapters 4, 6, and
7. To assess how mechanical loading can be applied to tenogenic differentiation of stem cells, we
designed and validated a custom bioreactor system that allows for the culture of cells under well-
controlled cyclic mechanical load. The design and validation of this bioreactor were summarized in
Chapter 4. Open-source drawings of this system were also published, allowing other researchers to
adapt the design for their needs, furthering the investigation of how mechanical stimuli influence cell

behavior.
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The mechanical bioreactor we designed can be used to not only mechanically stimulate stem
cells in culture, but also as a small-scale tensile load frame. This custom small-scale load frame
allowed us to mechanically evaluate tendons from rats as young as 1-day old. Comparing the Achilles
(as representative energy-storing tendons) and tail (as representative positional tendons) tendons
resulted in novel data showing the importance of mechanical loading in early postnatal tendon
development. Notably, we showed that postnatal mechanical loading follows the onset of normal
locomotor behavior in rats, and that when normal locomotion is disrupted, the mechanical
development of tendons is impacted. Finally, we provided evidence that energy-storing (i.e. Achilles)
and positional (i.e. tail) tendons may develop differently, an important finding for regenerative
strategies incorporating cues from normal tendon formation. Future work should continue to explore
the role of mechanical loading from the onset of normal locomotion at later postnatal ages. Similarly,
future studies can build on this foundation and assess potential cellular mechanisms involved in
mechanoregulation of postnatal tendon formation. Cellular mechanisms we identified in our MSC
model of tenogenesis, namely Connexin-43, N-cadherin, Caherin-11, and B-catenin, would be

worthwhile to explore in the developing tendons.

In addition to exploring mechanical stimuli, we also explored biochemical and cellular factors
that drive tenogenic differentiation of stem cells. Our results helped to further establish TGFB2 as an
especially relevant tool for differentiating stem cells towards the tendon lineage, which enable the
study of tendon development via in vitro cellular models. Using TGFB2 allowed us to quantify how
cell-cell junction proteins, N-cadherin, Cadherin-11 and Connexin-43, are impacted by tenogenesis.
We also established a sharp decrease in N-cadherin as a novel potential marker of tenogenesis in stem
cells. The results of our exploration of how TGF2 can be utilized to differentiate stem cells in vitro
were described in Chapter 5. In Chapter 8, we expanded our cellular model of tenogenesis to include
inhibition of Smad3, the cell signaling pathway by which TGFB2 was thought to impact
differentiation, and our results showed that other pathways may be active during tenogenesis. We
identified the PI3K/Akt/mTOR/P70S6K pathway as a potential candidate through which Smad-
independent tenogenesis may proceed. We further showed that inhibition of the Akt pathway disrupts
tenogenic differentiation of stem cells. Identifying activation of PI3K/Akt/mTOR/P70S6K in
tenogenesis provides a novel clinical target for enhancing tendon regeneration. Future studies should
assess the impacts of enhanced Akt activation on tenogenesis, and further explore activation of Smad-
independent signaling pathways in tenogenesis, namely PI3K/Akt/mTORC1/P70S6K, Wnt/B-catenin,
and BMP signaling, using siRNA in cells, and, potentially, animal knockouts.
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While not included in the chapters within this dissertation, work we have published at various
conferences suggested that changes in levels and localization of B-catenin accompany TGF[2-
induced tenogenesis in stem cells. Exploring the alteration of f-catenin with tenogenesis needs to be
followed-up in future studies. B-catenin is of particular interest due to its presence in embryonic and
adult tendon, and wide-ranging roles in regulation of cell behavior. Preliminary data in whole tendon
tissue from postnatal rats also identified significant changes in levels of both B-catenin and connexin-
43, as a function of age, and differences varied based on tendon type (Achilles versus tail). Future
work should focus on further elucidating the possible roles of B-catenin and connexin-43 in tenogenic

differentiation of stem cells and development of whole tendons.

Collectively, the published and preliminary studies comprising this dissertation explored
mechanical and cellular factors regulating tendon development and differentiation. We developed a
custom system for mechanically evaluating neonatal tendons, and for applying tensile loading to cells
in vitro. We demonstrated that tendon formation is impacted by the onset of locomotor development
and the development of tendon mechanical properties may be unique between energy storing and
positional tendons. Our in vitro data in stem cells indicated that connexin-43, N-cadherin, Cadherin-
11, and the PI3K/Akt/mTORC1/P70S6K pathway are involved in tenogenesis. Ultimately, this work
and future studies will reveal novel clinical targets for the treatment of tendon injuries, as well as
improve our understanding of how tendons develop, and how the mechanical, cellular, and
biochemical pathways that guide tendon development can be manipulated to treat and reverse tendon

injury and disease.
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